
Quantifying cellulose accessibility during enzyme-
mediated deconstruction using 2 fluorescence-tagged
carbohydrate-binding modules 
Vera Novya,1, Kevin Aïssaa,1, Fredrik Nielsena, Suzana K. Strausb, Peter Ciesielskic, Christopher G. Huntd, 
and Jack Saddlera,2 

aDepartment of Wood Science, Faculty of Forestry, The University of British Columbia, Vancouver, BC V6T 1Z4, Canada; bDepartment of Chemistry, 
University of British Columbia, Vancouver, BC V6T 1Z1, Canada; cBiosciences Center, National Renewable Energy Laboratory, Golden, CO 80401; and dForest 
Products Laboratory, US Department of Agriculture, Madison, WI 53726 

Edited by Alexis T. Bell, University of California, Berkeley, CA, and approved October 1, 2019 (received for review July 18, 2019) 

D
ow

nl
oa

de
d 

at
 D

ig
iT

op
 -

 U
S

D
A

's
 D

ig
ita

l D
es

kt
op

 L
ib

ra
ry

 o
n 

N
ov

em
be

r 
27

, 2
01

9 

A
PP

LI
ED

 B
IO
LO

G
IC
A
L

SC
IE
N
CE

S 

Two fluorescence-tagged carbohydrate-binding modules (CBMs), 
which specifically bind to crystalline (CBM2a-RRedX) and para-
crystalline (CBM17-FITC) cellulose, were used to differentiate the 
supramolecular cellulose structures in bleached softwood Kraft 
fibers during enzyme-mediated hydrolysis. Differences in CBM 
adsorption were elucidated using confocal laser scanning micros-
copy (CLSM), and the structural changes occurring during enzyme-
mediated deconstruction were quantified via the relative fluores-
cence intensities of the respective probes. It was apparent that a 
high degree of order (i.e., crystalline cellulose) occurred at the 
cellulose fiber surface, which was interspersed by zones of lower 
structural organization and increased cellulose accessibility. Quan-
titative image analysis, supported by 13C NMR, scanning electron 
microscopy (SEM) imaging, and fiber length distribution analysis, 
showed that enzymatic degradation predominates at these zones 
during the initial phase of the reaction, resulting in rapid fiber 
fragmentation and an increase in cellulose surface crystallinity. 
By applying this method to elucidate the differences in the 
enzyme-mediated deconstruction mechanisms, this work further 
demonstrated that drying decreased the accessibility of enzymes 
to these disorganized zones, resulting in a delayed onset of degra-
dation and fragmentation. The use of fluorescence-tagged CBMs 
with specific recognition sites provided a quantitative way to eluci-
date supramolecular substructures of cellulose and their impact on 
enzyme accessibility. By designing a quantitative method to analyze 
the cellulose ultrastructure and accessibility, this study gives insights 
into the degradation mechanism of cellulosic substrates. 

carbohydrate-binding modules | enzyme accessibility | supramolecular 
cellulose structure | confocal laser scanning microscopy | quantitative image 

analysis 

It is largely acknowledged that feedstock recalcitrance to 
enzymatic deconstruction is one of the major limitations in 

establishing effective biomass-based biorefinery processes (1, 2). 
The effectiveness of the cellulases, a mixture of endo- and exo-
glucanases, beta-glucosidases, and accessory enzymes on cellu-
lose hydrolysis, is influenced by a variety of factors. These include 
the nature of the lignin–carbohydrate complex, particle size, 
porosity, and surface area (3, 4), with the limited accessibility of 
the enzymes to the cellulose recognized as being a major im-
pediment (5, 6). As accessibility of cellulose to enzymes is mainly 
influenced by the cellulose structure (5, 6), studies made use of 
methods, such as XRD, NMR, and GPC (7, 8), which provided 
useful information on overall cellulose structural characteristics, 
such as crystallinity and the degree of polymerization. One of the 
parameters most often used to describe the cellulose structure is 
the crystallinity index (CI), which categorizes cellulose into either 
crystalline or paracrystalline substructures (6, 7, 9). However, the 
structure of cellulose cannot be strictly categorized into para-
crystalline or crystalline (10), and enzyme accessibility has been 

shown to be affected by the various levels of cellulose organi-
zation, ranging from the nano- to micrometer scale (4, 11). 
Previous work has suggested that enzyme-mediated hydrolysis 

is predominantly initiated at more accessible regions within the 
cellulose matrix (12–17), with these regions often referred to as 
dislocation zones, slip planes, microcompressions, or kinks (18, 
19). These regions in the fiber cell wall have been shown to be 
mechanically weak points in the cellulose fiber (20–22), conse-
quently making them of ongoing interest to the pulp and paper 
sector (18). Methods such as polarized light microscopy (13, 15, 
20–24) or SEM (17, 21, 24) were used to better elucidate these 
disruptions. The disruptions have been shown to vary in severity, 
from microcracks at the fiber surface to buckling and folding of 
the S1 and S2 layers (i.e., at the primary and secondary cell wall). 
However, the exact nature of these disruptions is less clear. 
Polarized light microscopy studies have indicated that these re-
gions are birefringent, with some researchers interpreting this as 
increased crystallinity (15) and that the microfibrils continue 
unbroken through these regions (22). As a result, it has been 
suggested that the shear-failures at these zones occur because of 
weaker or misplaced intermicrofibrillar bonds rather than 
intramicrofibrillar deformations or weaknesses (22, 25). Related 
work has further shown that these localized areas of morpho-
logical changes are predominantly paracrystalline, based on their 

Significance 

It is recognized that an optimized mixture of endo- and exo-
glucanases, beta-glucosidases, and accessory enzymes need to 
work cooperatively to result in effective cellulose hydrolysis. 
However, a key factor that impacts hydrolysis is the effective-
ness of enzyme access to the cellulose. A quantitative method 
based on fluorescence-tagged CBMs and CLSM was developed to 
assess the cellulose structure, quantify its accessibility, and elu-
cidate how this might influence the efficiency of cellulose hy-
drolysis. This work provides insights into the substrate–enzyme 
interactions that occur during enzyme-mediated hydrolysis of 
cellulose. 

Author contributions: V.N., K.A., F.N., and J.S. designed research; V.N., K.A., F.N., P.C., 
C.G.H., and J.S. performed research; V.N., K.A., F.N., S.K.S., C.G.H., and J.S. contributed 
new reagents/analytic tools; V.N., K.A., F.N., P.C., C.G.H., and J.S. analyzed data; and V.N., 
K.A., F.N., P.C., C.G.H., and J.S. wrote the paper. 

The authors declare no competing interest. 

This article is a PNAS Direct Submission. 

This open access article is distributed under Creative Commons Attribution-NonCommercial-
NoDerivatives License 4.0 (CC BY-NC-ND). 
1V.N. and K.A. contributed equally to this work. 
2To whom correspondence may be addressed. Email: jack.saddler@ubc.ca. 

This article contains supporting information online at www.pnas.org/lookup/suppl/doi:10. 
1073/pnas.1912354116/-/DCSupplemental. 

First published October 21, 2019. 

www.pnas.org/cgi/doi/10.1073/pnas.1912354116 PNAS | November 5, 2019 | vol. 116 | no. 45 | 22545–22551 

http://crossmark.crossref.org/dialog/?doi=10.1073/pnas.1912354116&domain=pdf
https://creativecommons.org/licenses/by-nc-nd/4.0/
https://creativecommons.org/licenses/by-nc-nd/4.0/
mailto:jack.saddler@ubc.ca
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1912354116/-/DCSupplemental
https://www.pnas.org/lookup/suppl/doi:10.1073/pnas.1912354116/-/DCSupplemental
https://www.pnas.org/cgi/doi/10.1073/pnas.1912354116


CI (26) and susceptibility to acid (12, 27) and enzymatic (12–17) 
hydrolysis. In more recent work, the bending stress exhibited on 
microfibrils has been shown to result in the breakage of single 
glucan chains, with the resulting defects enhancing the accessibility 
to processive cellulases (28). However, an ongoing challenge has 
been to effectively monitor changes to the supramolecular struc-
ture of cellulose as enzyme-mediated deconstruction proceeds. 
Carbohydrate-binding modules (CBMs) are the noncatalytic 

part of cellulolytic enzymes and are thought to assist with enzyme 
synergism via a proximity and targeting effect (29). Several CBMs 
have been successfully used to assess the topology of cellulosic 
substrates during enzymatic hydrolysis (30). More than 80 CBM 
families have been categorized into 3 types according to their 
substrate affinity (31), with type A predominantly binding to 
crystalline cellulose, type B to the single glucan chains that are 
prevalent in paracrystalline cellulose, and type C to soluble car-
bohydrates (32). Based on their specific adsorption toward dif-
ferent carbohydrate substructures (31), fluorescence-tagged CBMs 
have been successfully used to assess the glyco-architecture of 
plant cell walls when combined with confocal laser scanning 
microscopy (CLSM) (33). 
Related studies, using either type A or B CBMs, have sug-

gested that these CBMs predominantly bind to the more disor-
ganized cellulose regions of the cellulose fibers, providing valuable 
information on the role of these defects on enzyme accessibility 
(15, 33–37). As CBM binding depends on the respective binding 
mechanism (29, 32, 36, 38), they have the potential to be used 
to both evaluate cellulose morphology as well as its impact on 
enzyme accessibility. 
In the work described below, 2 fluorescence-tagged CBMs, a 

type A (CBM2a) and a type B (CBM17), were combined with 
CLSM to better elucidate the cellulose ultrastructure and assess 
how key substrate characteristics might influence enzyme-mediated 
deconstruction of cellulose. In contrast to previous studies, the 
CBM/CLSM method provided information on the spatial distri-
bution of the carbohydrate fine structures within the fiber and 
allowed us to monitor changes at the fiber surface over time. This 
provided localized and quantitative information of where hydro-
lysis predominated in a time-resolved manner. 
The CLSM images were complemented by SEM imaging, 13C 

NMR analysis, and fiber length quantification, and together the 
results showed that disorganized zones occur at regular intervals 
on the fiber surface. These zones are composed of more acces-
sible crystalline and paracrystalline cellulose structures, and, as a 
result, enzymes can bind to and degrade these areas more ef-
ficiently, leading to fiber fragmentation and the production 
shorter fiber fragments. 

Results and Discussion 
The Use of Fluorescence-Tagged CBMs and CLSM to Assess the 
Supramolecular Structure of Northern Bleached Softwood Kraft 
Pulp during Enzymatic Hydrolysis. In earlier work, photoactivated 
localization microscopy was successfully used to determine the 
selectivity of binding of 6 CBMs, including CBM2a and CBM17, to 
various cellulosic substrates (29). Over a selectivity range of 0.16 
(paracrystalline) to 0.39 (crystalline), CBM17 and CBM2a showed 
an affinity of 0.21 and 0.27, respectively, suggesting that CBM2a 
bound to areas with a higher degree of structural organization 
than did the CBM17. However, CBM2a also showed a greater 
degree of binding promiscuity. Although it primarily targeted 
the hydrophobic [110] faces of the cellulose crystal lattice 
(according to Miller indices), it also bound to less ordered 
paracrystalline regions (29, 38, 39). 
In the work reported here, CBM2a (type A) and CBM17 (type 

B), which had been covalently bound to Rhodamine-RedX (red) 
and fluorescein isothiocyanate (FITC) (green), respectively, were 
used to assess the substructures of northern bleached softwood 
Kraft (NBSK) fibers. In the initial phase of the hydrolysis reaction 

(Fig. 1A), the majority of the NBSK fibers were predominantly red 
(CBM2a-RRedX) and interspersed at regular intervals by discrete 
zones of green (CBM17-FITC). Earlier work had suggested that, 
at these less organized regions (green), enzymatic activity was most 
pronounced, resulting in their rapid degradation (9, 12, 13, 15). As 
described below, the CBM/CLSM results supported these earlier 
observations as this method allowed us to elucidate the nature 
and the spatial distribution of localized supramolecular cellulose 
structures and to quantitatively assess changes over hydrolysis 
time. Also, the CBM/CLSM method allowed the cellulose sub-
structures to be analyzed before changes to the overall fiber 
structure (i.e., fiber fragmentation) occurred. 
A 1% (wt/vol) concentration of NBSK was hydrolyzed by 

Ctec3 at an enzyme loading of 10 filter paper units (FPU)·g−1, and  
the resulting CLSM images after 0.5, 1, 2, 4, and 6 h of hydroly-
sis are depicted in Fig. 1 B–F. The corresponding hydrolysis pro-
file is summarized in Fig. 2A. It was apparent that the fiber 
morphology changed only slightly before 2 h of hydrolysis, after 
which fiber fragmentation occurred (Fig. 1 D–F). At the same 
time the “red” fluorescence (indicating binding of CBM2a-
RRedX to highly ordered cellulose) increased in predominance 
as hydrolysis proceeded while the green fluorescence intensity 
(from the paracrystalline binding CBM17-FITC) decreased (Fig. 1). 
Previous work (12, 13, 16, 21, 27) has reported similar fiber 
fragmentation patterns, suggesting that the increased suscepti-
bility of disordered zones to acid and enzymes likely resulted in 
their more rapid degradation. 

The Influence of Enzyme-Mediated Cellulose Hydrolysis on Fiber Size. 
When the mean length and skewness of the NBSK fibers during 
hydrolysis was assessed (Fig. 2B), it was apparent that the mean 
fiber length increased initially. As the skewness plateaued in the 
same time frame, it can be concluded that, in this phase, the fines 
are degraded at a faster rate than fiber fragmentation occurred. 
Fines are defined by the lower boundary of the FQA, below 
0.07 mm in length. Both the mean fiber length and the skewness 
decreased, confirming the fragmentation of the long fibers into 
shorter more homogenous fragments (Fig. 2B). Once 25% to 
30% of the cellulose had been hydrolyzed, the mean length of 
the fibers leveled out at ∼0.2 mm (Fig. 2B). Previous enzyme-
mediated hydrolysis of softwood Kraft pulp found similar 
changes to the mean fiber length (13, 33). The CLSM images 
additionally indicated that the fiber fragments had approximately 
the same distance between major structural defects (“green 
zones,” Fig. 1A), as reported previously (12, 13, 16, 21, 27). This 
strongly suggested that fiber fragmentation had occurred at the 
more disorganized zones. 

Quantifying Changes in the Supramolecular Cellulose Structure 
during Hydrolysis Time Using the CBM/CLSM Method and Computer-
Based Image Analysis. When the crystallinity of the pulp was 
assessed using 13C NMR, the initial NBSK was shown to have a CI 
of ∼0.52 (calculated via the NMR spectra) (SI Appendix, Fig. S1), 
which is on a par with Avicel (10). When the accessibility of the 
NBSK substrates was assessed using the CBM adsorption assay 
(Table 1), the CBM2aH6 to CBM17 binding ratio was 10, sup-
porting the notion of a greater accessibility of the CBM2aH6, as 
compared to the CBM17. It should be noted that the adsorption 
data reflected accessibility to all of the binding sites throughout the 
substrate whereas the CBM/CLSM method was able to quantify 
the relative binding of the CBMs to the fiber surface, representing 
the optical section of the CLSM. One of the advantages of the 
CBM/CLSM method over the CBM adsorption and the NMR 
analysis is that it provided an estimate of the topography of the 
substrate, as well as spatial distribution of the cellulose morphol-
ogies, helping to better elucidate the nature and the spatial dis-
tribution of localized supramolecular structures. 
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Fig. 1. Changes in the morphology of NBSK pulp fibers after 0 h (A), 0.5 h (B), 1 h (C), 2 h (D), 4 h (E), and 6 h (F) of hydrolysis, visualized using CBM17-FITC 
and CBM2a-RRedX binding with CLSM. (Scale bars: 100 μm.) 
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The ratio of red (from CBM2a-RRedX fluorescence) and 
green (from CBM17-FITC fluorescence) was then used to quan-
tify changes in cellulose accessibility (Fig. 2C). When the red/ 
green (R/G) ratios were plotted over hydrolysis time, the initial 
ratio (0 to 1 h) was constant and continuously increased afterward. 
Over prolonged hydrolysis, an increase in variance was observed 
(Figs.  2 and  3 and  SI Appendix, Fig. S3), likely due to the devel-
opment of different populations showing varying degrees of deg-
radation (as exemplified in Fig. 1D). Over 6 h of hydrolysis, which 
resulted in ∼30% NBSK hydrolysis, the R/G ratio increased 5.3-
fold. This increase in the R/G ratio was likely due to a loss in 
CBM17-FITC binding (Fig. 1), with the CBM adsorption data in 
Table 1 also showing a faster decline in CBM17 binding as 
compared to CBM2aH6 binding. As an increase in the R/G ratio 

implied an increase in surface crystallinity, 13C NMR analysis was 
used to assess the CI of the various samples. As summarized in SI 
Appendix, Fig. S 1, the crystallinity had indeed increased from 
0.529 to 0.543 within the first 2 h of hydrolysis, supporting the 
proposed increase in the overall crystallinity of the fiber. After 2 h 
of hydrolysis, it was apparent that the structure of the fibers had 
changed significantly, in both their size and supramolecular or-
ganization. Thus, it was difficult to ascribe changes in the 13C 
NMR spectra to just changes to the CI. 

During Initial Hydrolysis, the Disorganized Zones Are Predominantly 
Hydrolyzed, as Evidenced by CLSM and SEM Imaging. Higher mag-
nification imaging by CLSM (Fig. 3) and SEM (Fig. 4) was 
employed to investigate localized morphological changes that 
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Fig. 2. Enzymatic hydrolysis of NBSK. Shown are (A) hydrolysis time course, (B) change in mean fiber length (filled circles) and skewness (empty circles), (C) 
change in R/G ratio over time, and (D) change in R/G ratio with increasing cellulose hydrolysis. Duplicate experiments were performed. Data in A and B show 
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Table 1. The change of CBM17 and CBM2aH6 adsorption on 
NBSK over hydrolysis time 

−1 −1Time, h CBM2aH6, mgprotein ·gcellulose CBM17, mgprotein ·gcellulose 

0 24.9 ± 0.5 2.4 ± 0.0 
0.5 21.6 ± 1.5 2.3 ± 0.0 
1 21.0 ± 2.0 1.9 ± 0.0 
2 18.2 ± 1.3 1.5 ± 0.0 
6 15.2 ± 0.9 1.6 ± 0.0 

Depicted are mean values and the SD from triplicate experiments. 

resulted from the initial phase of digestion. CLSM images from 
the beginning of the reaction (Fig. 3 A and B) ( 0 to 1 h of hy-
drolysis time) suggested that enzymatic degradation was most 
extensive at the disorganized zones. With increasing hydrolysis 
time (Fig. 3 C–F), the disorganized zones increased in size, 
resulting in fiber shearing and breakage. When SEM was used 
to support these observations (Fig. 4), it appeared that those areas 
that had shown significant deformation (buckling of the S1/S2 layer) 
had developed into larger cracks and crevices (Fig. 4 A–C′), leading 
to the fragmentation and disruption of the fiber (Fig. 4 D and D′). 
Previous work that looked at the thermodynamics involved in 

enzymatic hydrolysis showed that the energy required for deg-
radation of crystalline cellulose is much higher than the energy 
needed to hydrolyze a single glucan chain within paracrystalline 
cellulose (40). Thus, as indicated by the data presented in Figs. 
1–4, it was likely that the disorganized zones were more quickly 
hydrolyzed, resulting in the observed fiber fragmentation. 

Elucidating Differences in Enzyme- and Substrate-Induced Changes 
during Enzyme-Mediated Cellulose Hydrolysis. Drying has been 
shown to result in hornification, an effect that leads to internal 
fiber volume shrinkage and the inability to regain the original state 
when resuspended in water. This collapse of the porous structure 
in turn has been shown to restrict enzyme accessibility to cellulose, 
negatively influencing hydrolyzability (41, 42). We next used the 
CBM/CLSM method to evaluate the effect drying might have on 
enzyme accessibility (CLSM images are shown in SI Appendix, Fig.  
S2). Although the initial hydrolysis profile of the never-dried pulp 
(Fig. 5A) was very similar to that of the dried NBSK pulp (Fig. 

2A), the mean fiber length and skewness (Fig. 5B) and the R/G 
ratio (Fig. 5 C and D) differed significantly. In contrast to the 
initial increase in mean fiber length observed with the dried pulp 
(Fig. 2B), the mean fiber length of the never-dried pulp did not 
change until more than 15% of the cellulose had been hydrolyzed. 
In contrast, the skewness decreased at the onset of hydrolysis, im-
plying that fragmentation occurred at the start of the reaction at the 
same time as the fines were being hydrolyzed. This indicated that, 
from the beginning of the hydrolysis reaction, the enzymes were 
able to access and degrade the disorganized zones within the never-
dried pulp. This was supported by the R/G ratio profiles (Fig. 5 C 
and D) where an immediate and pronounced increase in the R/G 
ratio was observed for the same phase (0 to 1 h or 0% to 10% 
cellulose conversion) (Fig. 5 C and D) that showed stagnant R/G 
ratios when dried NBSK was the substrate (Fig. 2 C and D). In 
agreement with previous observations (41, 42), it is likely that the 
never-dried fibers had a higher accessibility to the enzymes due to 
the porous architecture of the cell wall. This is supported by pre-
vious CBM adsorption studies using CBM17 and CBM2aH6 ad-
sorption to never-dried pulp (cf. MFC0 in ref. 11) where higher 
adsorption values were obtained as compared to the  dried NBSK  
(Table 1). In contrast to the dried NBSK, the R/G ratio of the 
never-dried fiber plateaued between 1 and 4 h of hydrolysis (10% to 
30% of cellulose conversion) (Fig. 5 C and D), signifying a similar 
change in binding for both CBMs. After 4 to 6 h, the R/G ratio 
increased, reaching a similar value as the dried NBSK (Fig. 2 C and 
D). Interestingly, over the same time frame, the mean fiber length 
and skewness showed a rapid decrease (Fig. 5B), suggesting that the 
fines were already degraded and enzyme action on the longer fibers 
resulted in their rapid fragmentation. It is possible that the static 
R/G ratio indicated that, due to fiber fragmentation, the accessibility 
of both CBMs was temporarily increased. However, after frag-
mentation, it is possible that the enzymes can act on the disordered 
regions at the ends of the fiber fragments, resulting in a drop in 
CBM17-FITC binding and the observed final rise in the R/G ratio. 

Conclusions 
Fluorescence-tagged CBMs were successfully combined with 
CLSM and quantitative image analysis to show that, during ini-
tial hydrolysis, enzyme-mediated deconstruction predominated 
at localized regions of cellulose showing lower degrees of organization. 
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Fig. 3. Visualization of fiber breakage of NBSK pulp fibers hydrolyzed for 0 h (A), 2 h (B–D), and 4 h (E and F) using CBM17-FITC and CBM2a-RRedX binding 
with CLSM. (Scale bars: 50 μm.) 
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Fig. 4. Visualization (SEM) of disorganized zones after 0.5 h (A and A′), 1 h (B and B′), 2 h (C and C′), and 4 h (D and D′) of incubation. (Magnification: A–D, 
2,000×; A′–D′, 5,000×.) 

The higher concentration of the green fluorescent (caused by 
pronounced CBM17-FITC binding) suggested their more para-
crystalline nature. When 13C NMR, SEM, and fiber character-
ization were combined with the CBM adsorption and CBM/ 
CLSM data, it was apparent that fiber fragmentation and the 
preferential hydrolysis of the more disorganized fiber regions 
occurred at the same time. When the CBM/CLSM method was 
used to follow the hydrolysis of dried and never-dried Kraft pulp 
fibers, it was apparent that drying reduced cellulose accessibility, 
delaying the hydrolysis of the more accessible cellulose regions 
and the onset of fiber fragmentation. 

Materials and Methods 
Substrates and Chemicals Used. Unless otherwise mentioned, all chemicals 
were obtained from Thermofisher Scientific (Massachusetts), and enzymes 
were obtained from Novozymes (Denmark). NBSK from handsheets and 
never-dried NSBK (MFC0) were used as substrates. NBSK handsheets were 
soaked in water at 1% consistency, and the fibers were redispersed non-
disruptively with a standard disintegrator (Robert Mitchell Company Ltd, QC, 
Canada) for 15 min at 3,000 rpm (≤45,000 revolutions, TAPPI T205 standard) 
(43). The redispersed fibers were dewatered by filtration and washed in 2 L of 
water for 30 min under gentle stirring. Afterward, the fibers were again 
dewatered by filtration, washed with 2 L of water, and manually pressed out 
to a dry matter content of ∼40%. Conductivity measurements in the wash 
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Fig. 5. Enzymatic hydrolysis of never-dried NBSK. Shown are (A) hydrolysis time course, (B) change in mean fiber length (filled circles) and skewness (empty 
circles), (C) change in R/G ratio over time, and (D) change in R/G ratio with increasing cellulose hydrolysis. Duplicate experiments were performed. Data in A 
and B show mean values and the spread. Data in C and D were derived from 8 to 10 image frames, and mean values and the SDs are shown. 
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fractions confirmed the absence of soluble salts in the NBSK. The never-dried 
softwood Kraft pulp was prepared as described previously (cf. MFC0, ref. 11). 
The chemical composition of 2 substrates was determined following the 
protocol of the National Renewable Energy Laboratories (44). The cellulose, 
hemicellulose, and lignin content was, respectively, 75.6%, 8.2%, and 4.5% 
dry matter for NBSK and 80.4%, 8.7%, and 2.3% dry matter for the never-
dried fiber. 

Enzymatic Hydrolysis of NBSK and Never-Dried Pulp. Hydrolysis reactions of 
NBSK were performed in 100-mL screw cap shake flasks with 25 g total re-
action weight. Incubation was at 50 °C and 150 rpm in an incubator shaker 
(25 gIST-4075; GMI Inc., Minnesota). Never-dried pulp was hydrolyzed in 
2-mL screw cap tubes with 1.5 g total reaction weight at 50 °C in a thermo 
block. The reaction was mixed by hourly vortexing. Parallel experiments 
showed that the change in agitation had no influence on either fiber 
fragmentation, hydrolysis efficiency, or the R/G ratio profiles (SI Appendix, 
Fig. S4). Due to the high viscosity of the reaction mixture, representative 
sampling was not possible. Thus, 2 individual reactions were prepared for 
each time point, and the total reaction mass was harvested. All of the re-
actions were performed in 20 mM sodium-acetate buffer (pH 4.8) at a sub-
strate loading of 10 g dry mass·L−1. The commercial Ctec3 enzyme mixture 
was used (total cellulase and β-glucosidase activity of 205 FPU·mL−1 and 
6,400 CBU·mL−1, respectively). The enzyme loading of all experiments was 
10 FPU·g−1 dry mass, corresponding to 4.4 mg protein·mL−1. To stop  the  
reaction, the mixtures were brought to 100 °C for 10 min and then stored 
at −20 °C for future analysis. 

Analysis of Enzymatic Activities and Glucose Concentrations and Determination 
of Hydrolysis Yields. Total cellulase activities (FPU) were measured as described 
by Ghose et al. (45). β-glucosidase activities were determined with p-nitro-
phenyl β-D-1.4-glucopyranoside as substrate, following a previously estab-
lished protocol (46). Released glucose was analyzed using a YSI Biochemistry 
Analyzer (2700 Select; Fisher Scientific, Massachusetts). The conversion of 
cellulose to glucose, Yg (% of theoretical maximum), was calculated by the 
following equation: 

� �� 
Yg = Cg − Cg0 ðφG · Cis0 · xG0Þ · 100 

where Cg (g·L
−1) is the concentration of solubilized glucose in the sample 

supernatant, Cg0 (g·L
−1) is the initial glucose concentration, φG (-) is the 

molecular weight ratio of glucose to glucan monomer (φG = 180/162 = 1.11), 
Cis0 (g·L

−1) is the initial concentration of insoluble solids, and xG0 (-) is the 
initial mass fraction of glucan in the insoluble solids. The equation assumes 
that: 1) the density of the hydrolysis slurry is 1,000 g·L−1, 2) the volume of the 
liquid equals that of the hydrolysis slurry, and 3) the volume of the liquid 
remains unchanged during the hydrolysis (47). These assumptions provide 
sufficient accuracy of the yield prediction at low solids loadings (47). 

Analysis of the Supramolecular Structure of the NBSK Fibers Using the CBM/ 
CLSM Method. 
CBM production and preparation of the CBM-fluorescence dye conjugates. CBM2a 
and CBM17 were sourced from Cellulomonas fimi and Clostridium cellu-
lovorans, respectively (39, 48). The 2 CBMs, as well as a his-tagged version of 
CBM2a (CBM2aH6), were recombinantly expressed in Escherichia coli. The 
cultivation and purification strategy has been previously published else-
where (11). In brief, a high cell density-fed batch cultivation with a carbon 
limited glycerol feed was run, typically achieving ∼100-g cell dry weight per 
liter. The cells were harvested by centrifugation and then disrupted chemi-
cally. Purification was performed by affinity chromatography using either 
cellulose (CBM2a, CBM17) or nickel beads (CBM2aH6) as carrier (11). The 
purity of CBMs was verified by sodium dodecyl sulfate polyacrylamide gel 
electrophoresis (SDS/PAGE). 

After production and purification, the CBMs were concentrated to 10 g·L−1 

in 10 mM bicarbonate buffer (pH 8.3), using sample concentrator tubes 
with a 3-kDa cutoff (Macrosep Advance Centrifugal Filter; Pall Laboratory, 
New York). Rhodamine red X N-hydroxysuccinimide (NHS) ester and Fluo-
rescein NHS ester were each dissolved in DMSO to a concentration of 0.05 M. 
The dye solution was then mixed with the respective CBMs, resulting in a 
molar fluorescent dye to CBM ratio of 1.2. The reaction mixtures were in-
cubated for 1 h at room temperature and for 12 h at 4 °C. The CBM-
fluorescence dye conjugates were purified by size exclusion chromatogra-
phy (HiPrep desalting 16/20 column; GE Healthcare Life Sciences, United 
Kingdom). SDS/PAGE was conducted to verify the correct sizes and purity of 
the CBM-fluorescence dye conjugates. 

Sample preparation for CLSM imaging. In samples taken from enzymatic hy-
drolyses, enzymes bound to the cellulose fibers were removed prior to CBM 
binding. For this, the fibers were washed 3 times by centrifuging (5,000 rpm, 
10 min) and resuspending them in deionized water. After the last run, the 
fibers were taken up in SDS solution (SDS, 1% wt/vol) and incubated for 
15 min at 85 °C. After cooling, the substrate samples were washed 2 times with 
absolute ethanol and 1 time with water. The washed samples were then 
suspended in PBS buffer (8 g·L−1 NaCl, 0.2 g·L−1 KCl, 1.44 g·L−1 Na2HPO4, 0.24 
g·L−1 KH2PO4) and stored at 4 °C for CLSM analysis. Shortly before imaging, 
the fluorescence-tagged CBMs were mixed with the fibers, resulting in a 
protein loading of ∼5 μg of each CBM per gram of dry mass substrate. After 
a short incubation period (∼15 min, sufficient to ensure binding) (32, 39, 48), 
excess protein in the supernatant was removed by centrifuging to ensure 
minimal background fluorescence and high signal-to-noise ratio. The fibers 
were then gently resuspended in fresh PBS buffer. A small amount of sample 
was then mounted on objective glass, covered with a coverslip, and sealed 
with paraffin wax. Sample preparations and sample storage before CLSM 
imaging were conducted in the dark to prevent fluorescence quenching. 
CLSM imaging. Confocal laser scanning microscopy (CSLM) imaging was per-
formed with an Olympus FV1000 (Olympus, Japan), using a 10× (numerical 
aperture [N.A.] 0.3 to 0.4) air objective, and a Zeiss 710 LSM (Carl Zeiss AG, 
Germany), using a 10× (N.A. 0.3 to 0.4) air objective and a 40× (N.A. 1.2) water 
objective. Following the specifications of the dyes, CBM17-FITC (green) was 
excited at 570 nm and emissions were detected at 590 to 650 nm. The excitation 
and emission of CBM2a-RRedX signal (red) was at 490 nm and 510 to 550 
nm, respectively. Images were acquired in 5 to 6 μm (10×) and  0.4  to 0.5 μ m 
(40×) thick optical sections. Bleed-through of fluorescence emission was tested 
and can be neglected for the presented image quantification method. 
Quantitative CLSM image analysis. Quantitative image analysis of the acquired 
CLSM images was performed to assess changes in concentrations of fluo-
rophores and the distribution of structural features in the specimens with 
increasing cellulose conversion. High throughput could be achieved with a 
high degree of automation of the image analysis. The image analysis was 
performed in a Python environment (Build 2.7.10, Python Software Foun-
dation) using open source image-processing toolboxes (49–52). A detailed 
description is given in SI Appendix. In brief, the red and green fluorescence 
layers of the acquired CLSM images were imported to the processing envi-
ronment, the background values of the layers were subtracted from the 
fluorescence intensity data, and the data were scaled by the laser intensities. 
Point features (i.e., negative and saturated pixels) in the layers were re-
moved from the corrected intensity datasets. Fibers were identified by 
semiautomated detection of the region of interest (ROI). In brief, a median 
filter with a 7 × 7 aperture was applied to reduce spatial noise in each layer. 
The filtered layers were segmented based on contrasting intensities be-
tween fibers and background by unsupervised thresholding using Otsu’s 
method (53) for the red layer and the triangle method (54) for the green 
layer. The triangle method was used for increased robustness for the latter 
because of the weaker bimodality of the intensity histogram. The ROI was 
defined as the union of the identified fiber subset of each layer. The ROI was 
used to mask the corrected fluorescence intensity layers, and the overall red 
to green ratio (R/G ratio) was calculated as the arithmetic mean of the 
spatially distributed ratios of the masked intensity layers. 

Fiber Length Analysis. The fiber length distributions of the hydrolysis samples 
were measured by a HiRes Fiber Quality Analyzer (LDA02-series; OpTest 
Equipment, ON, Canada). For this, fibers were dispersed in water and diluted 
to yield fiber counts of 30 to 50 s−1 in the analysis. The sample size was 10,000 
fibers, and the data acquisition range was bounded by the lower detection 
limit, 0.07 mm (55), and 2.5 mm. Observations outside the data range were 
censored during data analysis. The arithmetic mean, median, and a non-
parametric skewness (Pearson’s second skewness coefficient) of the fiber 
length distributions were derived from the resulting frequency tables (his-
tograms). Data processing was performed in MATLAB R2017a (MathWorks 
Inc., Massachusetts), using the statistics and machine learning toolbox. 

CBM Adsorption Analysis. CBM adsorption onto NBSK cellulose fibers was 
quantified. For this, the fibers were washed with SDS to remove bound 
enzymes, as described above (Sample preparation for CLSM imaging). Af-
terward, a depletion assay using CBM2aH6 and CBM17 was performed as 
detailed elsewhere (11). In brief, CBMs (0.5 to 15 μM) were added to the 
NBSK (10 mg dry mass) in a final volume of 1 mL in PBS buffer. Samples were 
incubated for 30 min at room temperature, the supernatant was separated 
from the fibers by centrifugation, and the concentration of CBMs in the 
supernatant was quantified spectrophotometrically at 280 nm (Cary 50 Bio; 
Agilent Technologies, California). The molar extinction coefficients of CBM17 
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and CBM2aH6 have been described to be 31,010 M−1·cm−1 and 27,625 
M−1 ·cm −1, respectively (32, 39). 

NMR Analysis. Solid-state NMR data were acquired on a Bruker 500-MHz in-
strument (Milton, Ontario, Canada). 13C CPMAS experiments were performed on a 
2.5-mm HCN MAS probe, using RAMP-CP (56). Spinal-64 was used during the 
decoupling (57). All spectra were acquired with 10,240 scans, a recycle delay of 4 s, 
a 90° 1H pulse of 2.75 μs, and a cross-polarization time of 3 ms. The spectra were 
processed with a line broadening of 50 Hz and referenced to external ada-
mantane. The assignments were as reported in ref. 10. The error of the integral 
can be assessed to be ±0.008, determined for the C4 peak of 3 consecutive runs. 

Analysis of Disaggregated Zones by SEM. Hydrated samples were washed and 
freeze-dried to prevent dehydration artifacts prior to imaging. Samples were 
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