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Abstract Cladophora, a fresh-water green macroal-

gae, has unique cellulose properties and thus may be

promising for production of cellulose nanofibrils

(CNFs). Cellulose was extracted from Cladophora

glomerata and subjected to microfluidization with or

without enzymatic hydrolysis pretreatment to produce

CNFs. Increasing microfluidization passes produced

smaller algal CNFs with more uniform sizes and lower

crystallinity. Combining microfluidization with an

enzymatic hydrolysis pretreatment, the algal CNFs’

crystallinity decreased further, but the diameter

distribution showed little change. The algal CNFs

were compared to CNFs produced from bleached

eucalyptus pulp (BEP), with the algal CNFs having

significantly higher crystallinity, smaller diameter and

better thermal stability. The XRD spectra of algal and

BEP CNFs were simulated by Mercury 3.0 software.

The results indicated that BEP CNFs are mainly

cellulose Ib with a random orientation, while algal

CNFs are likely a hybrid of cellulose Ia with preferred

orientations along the [100] and [010] axes with a

March–Dollase factor of 0.65.

Keywords Bleached eucalyptus pulp � Cellulose
nanofibrils � Cladophora glomerata � Enzymatic

hydrolysis � Green algae � X-ray diffraction

Abbreviations

BEP Bleached eucalyptus pulp

CI Crystallinity index

CNFs Cellulose nanofibrils

alg-CNF-10 and

alg-CNF-20

Algal CNFs produced by

microfluidization only with 10

or 20 passes

alg-CNF-enzy and

BEP-CNF-enzy

Algal CNFs or BEP CNFs

produced by enzymatic

hydrolysis and

microfluidization with 20

passes

FWHM Full width at half maximum

Introduction

Cellulose has been one of the most accessible and

widely used bio-materials from ancient times in the

forms of wood, paper and cloth. Cellulose polymers
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are homogeneous and composed exclusively of b-
(1 ? 4) linked b-D-glucopyranose with degrees of

polymerization in the thousands (Moon et al. 2011).

The linearity and abundant hydroxyl groups of cellu-

lose molecules facilitate its aggregation into very

compact structures due to hydrogen bonds and

hydrophobic interactions (Iwamoto et al. 2007). These

elementary microfibrils have some degree of crys-

tallinity. The elementary microfibrils further aggre-

gate into nanofibrils and macrofibrils (Hult et al. 2001;

Paakko et al. 2007). The macroscopic mechanical

strength of cellulose-based materials (i.e. wood) is due

to linearity, homogeneity, high degree of polymeriza-

tion and high crystallinity of cellulose molecules. The

cellulose elementary microfibrils have widths of about

5 nm with a very high aspect ratio (Hult et al. 2001;

Paakko et al. 2007). The separation of cellulose fiber

into nano-scale elementary microfibrils or nanofibrils

is of great interest due to their unique optical,

rheological and mechanical properties (Paakko et al.

2007; Zhu et al. 2011; Hua et al. 2014). Uniformly

separating cellulose fibers into cellulose nanofibrils

(CNFs), with their large aspect ratios is difficult. CNFs

typically have widths in the 5–40 nm range with

lengths of several micrometre (Henriksson et al. 2007;

Paakko et al. 2007; Siro and Plackett 2010;Wang et al.

2012).

CNFs are mainly produced from wood or wood

pulps (Qing et al. 2013; Wang et al. 2012; Wang and

Zhu 2015). CNFs have also been produced using

herbaceous lignocelluloses (Alemdar and Sain 2008;

Reddy and Yang 2005). Most CNF production

processes are expensive due to the difficulties in

separating CNFs from the hierarchical lignocellulosic

biomass cell structure (Zhu et al. 2011). Cladophora

and other green algae are highly unexploited biore-

sources (Hua et al. 2014; Mihranyan 2011). Eutroph-

ication due to agriculture runoff is causing high levels

of Cladophora green algae in the fresh water system

such as the Great Lakes in the United States (Auer

et al. 2010). Finding useful applications for this

material could encourage harvesting of this abundant

material. Inspecting its chemical constituents, Clado-

phora algae contain abundant cellulose (20–30 %),

protein and lipid (Mihranyan 2011) suggesting several

valorization opportunities in biorefinery systems.

Algal cellulose elementary microfibrils are typically

10–30 nm in width, larger than those in lignocellulosic

materials (*5 nm; Mihranyan 2011). Additionally,

algal cellulose has unique properties leading to poten-

tial applications for drug delivery and fiber/polymer

composites Compared with cellulose in lignocelluloses,

cellulose in Cladophora has a very high degree of

crystallinity, that impart inertness to chemical reac-

tions. It also maintains a high specific surface area upon

drying, without great hornification or agglomeration,

ensuring an excellent redispersibility (Hua et al. 2014;

Mihranyan 2011; Strømme et al. 2002). The extraction

of algal cellulose usually includes acid hydrolysis and

mechanical grinding (Mihranyan et al. 2004; Moon

et al. 2011). Nanofibrils of 20–30 nm in width

intertwined with each other into a sponge-like structure

may be seen from SEM pictures of extracted Clado-

phora cellulose (Mihranyan et al. 2004; Mihranyan

2011). However, regular grinding or milling will not

give the algal cellulose nanofibrils a uniform size

distribution. Furthermore, although high crystallinity

imparts algal cellulose with physical and chemical

robustness, it can prevent efficient chemical modifica-

tions for alternate properties. Consequently, an effec-

tive treatment is needed for producing well-separated

nanofibrils with a proper crystallinity from algal

cellulose. Here, we use an enzymatic treatment together

with an intensivemechanicalmicrofluidization for CNF

productions from green algae. The CNFs from green

algae were compared with the CNFs from pulp to

evaluate their differences using the same method under

the similar conditions.

Materials and methods

Materials

Cladophora glomerata (C. glomerata) samples were

collected from Lake Mendota, Madison, WI in June

2014. Contamination from dirt, plants, and insects was

carefully removed through washing and the clean

material allowed to air dry. Bleached eucalyptus pulp

(BEP) was obtained from a commercial source

(Aracruz Cellulose, Brazil). The previously deter-

mined chemical composition of this pulp was 78.1 %

glucan, 15.3 % xylan and 0.7 % Klason lignin (Wang

et al. 2012). Cellulases (Cellic CTec2) with an activity

of approximately 150 FPU/mL were provided by

Novozymes North America (Franklinton, NC, USA).

All other chemicals used in this study were of ACS

reagent grade.
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Algal cellulose extraction

The algal cellulose extraction process generally

followed the procedure described by Mihranyan

et al. (2004). Approximately 1 g of clean C. glomerata

algae sample was bleached with 0.4 g NaClO2 in

10 mL sodium acetate buffer (pH 4.8) at 60 �C for 3 h.

The solid fraction was separated and washed until

neutrality (pH * 7) using a centrifuge (5810R,

Eppendorf, Hauppauge, NY, USA). The solids was

then mixed with 12.0 mL of 0.5 MNaOH solution and

maintained at 60 �C overnight. The resultant material

was separated, washed with DI water until supernatant

neutrality was achieved, and freeze-dried. After dry-

ing, 0.25 g of the material and 6 mL of 5 % HCl were

mixed and heated until boiling. After boiling, the

mixture was allowed to stand overnight at room

temperature. The cellulose was then separated,

washed with DI water until supernatant neutrality

was achieved, and freeze-dried.

Enzymatic hydrolysis

Enzymatic hydrolysis pretreatments of the algal

cellulose and BEP were carried out at solids consis-

tency of 2 % (w/v) in a sodium acetate buffer of pH

4.8. Enzyme charge of 3 FPU/g glucan was used. The

slurry was incubated at 50 �C in an incubator shaker

(Excella E24, New Brunswick Scientific, Edison, NJ,

USA) at 150 rpm for 1, 3, 6, 12, 24, 30 and 48 h. The

solids yields of enzymatic hydrolysis were obtained by

calculating the weight ratios of enzymatic hydrolysis

residues and starting solid substrates.

Mechanical nanofibrillation

BEP and algal cellulose samples (enzymatically treated

for 48 h or not treated) were soaked in water overnight

and disintegrated in a domestic blender (Waring 700 s)

at 20,000 rpm for 30 s to make a 2 wt% suspension.

The suspension was diluted to 0.2 wt% and passed

through a microfluidizer (M-110EH, Newton, MA,

USA) 10 or 20 passes with a 200 lm chamber and 10 or

20 additional passes with an 87 lm chamber.

Characterization methods

Fourier transform infrared (FT-IR) spectra were

obtained on a Spectrum 100 FT-IR spectrometer

(PerkinElmer, Waltham, MA, USA) equipped with a

universal ATR sampling accessory. The spectra were

recorded at 25 �C in the range of 650–4000 cm-1 for

10 scans.

Cellulose fiber and nanofibril surface morphologies

were evaluated using a field emission scanning

electron microscope (FE-SEM) (Merlin, Carl Zeiss,

Germany) and an atomic force microscope (AFM)

(Multimode 8, Bruker, Germany). The diameter

distributions of CNFs were obtained by analyzing

the SEM pictures through Image-Pro Plus software

(Media Cybernetics, Silver Spring, USA); the distri-

bution analyses were achieved after measuring at least

130 individual nanofibrils or sections (Wang et al.

2012).

Dynamic thermogravimetric analysis (TGA) was

performed on a thermogravimetric analyzer (Q500,

TA Instruments, New Castle, DE). The system was

operated in a temperature range from 30 to 700 �C
with a heating rate of 10 �C/min and supplied with

high purity nitrogen at a flow rate of 50 mL/min.

X-ray diffraction (XRD) measurements were per-

formed by a Rigaku D/Max-III X-ray diffraction

analyzer. The samples were prepared as loose pow-

ders. The diffracted intensity of CuKa radiation

(k = 1.54056 Å) at 40 kV and 40 mA was measured

in a 2h range of 4�–50�. The Segal crystallinity index

(CI) was calculated by using the following equation

(Segal et al. 1959):

CI ¼ Imax � Iminð Þ
Imin

� 100%

where Imax is the intensity of the highest peak, and Imin

is the minimum intensity at a 2h angle close to 18� for
cellulose I.

Diffraction patterns were simulated by using the

crystal information files (cif) containing the published

coordinates of the asymmetric units of cellulose Ia and
cellulose Ib from the studies of Nishiyama et al. (2002,

2003) and the Mercury 3.0 program (French 2014;

Macrae et al. 2008). This program calculated a

diffraction pattern of completely periodic crystals of

various sizes, which were determined by the input full

width at half maximum (FWHM). The CuKa wave-

length was set at 1.54056 Å. Random orientations or

preferred orientation withMarch–Dollase factors were

used.

Crystallite width perpendicular to the (110) plane

for cellulose Ia and the (200) plane for cellulose Ib,
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and crystallite length perpendicular to the (004) plane

were calculated by the Scherrer equation (Leppänen

et al. 2009; Yue et al. 2015).

s ¼ Kk
b cos h

where s is the crystallite width or length in Å, K is the

shape correction factor (1.0), k is the radiation

wavelength (1.54056 Å), b is the FWHM of the

highest diffraction peak in radians, and h is the half 2h
angle of the peaks for (110), (200), or (004) planes.

Results and discussion

Characterization of algal cellulose

The yield of the extracted C. glomerata cellulose was

21.6 %, which is consistent with previous studies that

green algae have cellulose content of 20–30 %

(Mihranyan 2011). The FTIR spectrum was acquired

(Fig. 1). The broad peak at 3340 cm-1 mainly corre-

sponds to O–H stretching of the CH2–OH structure on

cellulose (Moran et al. 2008). The peaks at 2900 and

1372 cm-1 were due to the C–H vibration and

bending, respectively; the peaks at 1170 and

1108 cm-1 correspond to the glycosidic bonds (C–

O–C) and C–OH, respectively; the peak at 1060 cm-1

is due to C–C stretching (Moran et al. 2008;

Mwaikambo and Ansell 2002). Peaks in the range of

1500–1660 cm-1 would indicate proteins; their

absence indicates that the extracted C. glomerata

cellulose contains only an undetectable amount of

proteins and has high purity (Jagadeesh et al. 2011).

Nelson and O’Connor (1964) found that the

infrared ratio of FTIR peaks at 1372 and 2900 cm-1

(H1372/H2900) reflects the cellulose crystallinity.

According to H1372/H2900 (0.965) in the FTIR spec-

trum (Fig. 1), the crystallinity of C. glomerata cellu-

lose can be estimated as 96.5 %, which agrees with the

92.2 % Segal crystallinity index (CI) obtained from

the XRD measurement (Fig. 2a). The crystallinity of

the extracted C. glomerata cellulose is consistent with

previous studies. Camacho et al. (2013) studied

Cladophora algae from the lakes in the Philippines

and estimated the cellulose crystallinity by FTIR to be

95 %. Mihranyan et al. (2004) studied Cladophora sp.

algae harvested from the Baltic Sea and found that the

cellulose crystallinity was 95.2 %.

The morphology of the C. glomerata cellulose is

demonstrated in the SEM pictures (Fig. 3a, b). From

the picture of low magnification (Fig. 3a), bundles of

C. glomerata cellulose fiber can be seen. Each fiber

has a diameter of 30–80 lm, and as can be seen from

the pictures with higher magnifications (Fig. 3b), is

composed of nanofibrils 10–40 nm in width. The

threadlike nanofibrils intertwined with each other

forming a sponge-like or web-like structure, which is

consistent with previous studies of Cladophora algal

cellulose structure (Mihranyan et al. 2004; Mihranyan

2011).

Mechanical nanofibrillation of algal cellulose

without enzymatic treatment

Amicrofluidizer was used to disintegrateC. glomerata

cellulose into nanofibrils. During microfluidization,

fibers are first run through an intensifier pump and the

pressure is increased to 275 MPa (40,000 psi); the

fibers are then passed through an interaction chamber

with micro-channels and defibrillated by high shear

forces and impacts against the channel wall (Spence

et al. 2011). In this study, the algal cellulose was

passed through the microfluidizer 10 or 20 passes

using a 200 lm chamber and 10 or 20 additional

passes using an 87 lm chamber. The resulting CNFs

were labeled as alg-CNF-10 and alg-CNF-20,

respectively.

The Segal CI of the algal CNFs was calculated

through XRD measurements. Microfluidization

reduced the crystallinity of algal cellulose (Fig. 2a),
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Fig. 1 FTIR spectrum of extracted C. glomerata cellulose
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and more passes in microfluidization resulted in a

lower crystallinity. It is known that mechanical

processing of cellulose can cause damage to crystals,

resulting in reduced crystallinity (Wang et al. 2012;

Iwamoto et al. 2007). The Segal CI of alg-CNF-10 and

alg-CNF-20 decreased to 85.3 and 81.3 %, respec-

tively, from 92.2 % of the algal cellulose without

microfluidization; i.e. the reduction in CI was 6.9 %

units with ten passes in the 200 lm chamber, and

additional ten passes in the same chamber resulted in

further CI reduction of 4 % units. The small CI

reduction suggests that when the CNFs are small

enough, the effects of mechanical nanofibrillation on

cellulose crystallinity become moderate (Hoeger et al.

2013).

SEM images (Fig. 3c, d) reveal that alg-CNF-10

and alg-CNF-20 achieve nano-scale in diameter with

very high aspect ratios. The diameter distributions of

both of the algal CNFs were mainly in the range of

10–40 nmwith a peak between 20 and 25 nm (Fig. 4a,

b). For alg-CNF-10, approximately 22.5 % of the

fibrils had a diameter of 20–25 nm, while for alg-

CNF-20, the number was approximately 32.5 %, and

the distribution became narrower, suggesting increas-

ing microfluidization produce CNFs with more uni-

form diameter.

CNF production from enzymatically pretreated

BEP and algal cellulose

Mechanical nanofibrillation combined with enzymatic

hydrolysis pretreatment has been proven to be an

effective method to produce CNFs (Paakko et al. 2007;

Wang et al. 2015). The effects of enzymatic hydrolysis

on algal CNF productions were evaluated and

compared with CNFs from enzymatically treated

BEP. The enzymatically pretreated BEP and algal

cellulose were fibrillated in the microfluidizer after 20

passes through a 200 lm chamber and additional 20

passes through an 87 lm chamber. The resulting

CNFs were labeled as alg-CNF-enzy and BEP-CNF-

enzy, respectively.

The extent of enzymatic treatment can be seen from

the enzymatic hydrolysis solids yield. Under cellulose

enzyme dosage of 3 FPU/g glucan, the solids yield of

algal cellulose was higher than that of BEP for all the

samples periodically collected as shown in Fig. 5. For

both BEP and algal cellulose, initial solids hydrolysis

was rapid as can be seen from the rapid solids yield

reduction in the first 10 h. Enzymatic hydrolysis is a

two-phase biochemistry process between cellulase and

cellulose, and thus the greater the contact between the

cellulases and the substrates, the higher the enzymatic

hydrolysis efficiency (Leu and Zhu 2013). In early

stage of enzymatic hydrolysis, the cellulase in the

system had relatively high concentration and more

chance to contact with cellulose resulting in rapidly

decreased solids yield. After 48 h of enzymatic

hydrolysis, the solids yields of BEP and algal cellulose

were about 63 and 82 %, respectively. Looking at the

wood pulp, one may see the BEP has a Segal CI of

about 55 % (Qing et al. 2013). The algal cellulose is

much more crystallized than BEP (Fig. 2) and thus is

more difficult to hydrolyze (Zhao et al. 2007),

resulting in a higher solids yield than that of BEP.

The Segal CI of algal CNFs and BEP CNFs

produced from enzymatic pretreatment and microflu-

idization are shown in Fig. 2b, respectively. The

BEP-CNF-enzy showed about 5 % units and the alg-

CNF-enzy showed 12 % units decrease in CI,
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compared to their original fibers. Although during

BEP enzymatic treatment, crystallinity was

increased due to the saccharification of amorphous

cellulose (Zhu et al. 2011), the subsequent mechan-

ical treatments would reduce BEP crystallinity

(Wang et al. 2012; Hoeger et al. 2013). Following

this reasoning one may explain that the BEP-CNF-

enzy had decreased CI compared to untreated BEP.

Algal cellulose has almost no amorphous region, but

it has a higher specific surface area (Hua et al. 2014;

Mihranyan 2011; Strømme et al. 2002) than BEP

fibers. Therefore, enzyme directly attacks the

crystallized cellulose though at a slow rate. As a

result, algal CNFs produced by enzymatic hydrol-

ysis plus microfluidization (alg-CNF-enzy) had a

lower CI than the material produced by microflu-

idization only (alg-CNF-20; Fig. 2). The decreased

crystallinity may allow efficient chemical modifica-

tions on algal CNFs for alternate properties and

applications.

Fig. 3 SEM pictures of a algal cellulose at 9372, b algal cellulose at 910,000, c alg-CNF-10 at 930,000, and d alg-CNF-20 at

930,000; AFM pictures of e alg-CNF-enzy and f BEP-CNF-enzy
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From the AFM pictures (Fig. 3e, f), it can be seen

that alg-CNF-enzy is smaller than BEP-CNF-enzy.

From the diameter distribution analyses (Fig. 4c, d),

the diameter of alg-CNF-enzy is mainly between 10

and 40 nm, while BEP-CNF-enzy is between 40 and

80 nm, more than two times larger than that of alg-

CNF-enzy. The reason could be that the algal cellulose

elementary microfibrils have a diameter of about 10

and 30 nm (Mihranyan 2011), 2–6 time larger than

that of wood, and the microfibrils do not aggregate

together but instead form a web-like structure

(Fig. 3b). Consequently it may be easier to separate

CNFs from algal cellulose than woody cellulose. By

comparing algal CNFs produced by enzymatic hydrol-

ysis and microfluidization (alg-CNF-enzy) and algal

CNFs produced by microfluidization only (alg-CNF-

20), the enzymatic hydrolysis does not have evident

effects on the diameter distribution of algal CNFs. The

alg-CNF-20 had most of its diameter between 10 and

40 nm (Fig. 4b), so it is very likely that microflu-

idization only is already able to separate the algal

cellulose into its elementary microfibrils (10–30 nm),

and enzymatic hydrolysis does not help to further

separate the elementary microfibrils but instead

decreased its crystallinity to a small extent.

Thermal properties were also investigated. BEP-

CNF-enzy has four weight-loss peaks from the DTG

curve (Fig. 6). The small peaks before 100 �C and at
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180 �C may be due to the free water and bound water

evaporations, accounting for about 25 % weight loss.

The peak at 240 �C was likely due to hemicelluloses

decomposition (Yang et al. 2007). Temperature of

315–400 �C is mainly the range for cellulose decompo-

sition (Yang et al. 2007). The major weigh loss of more

than 50 % with a peak at 326 �C should be due to

cellulose decomposition. Different from BEP-CNF-

enzy, alg-CNF-enzy only has one major weight loss

peak at 390 �C, which is also very likely due to cellulose
decomposition. The difference indicates that algal CNFs

are highly crystalized having little bound water and has

high purity without large content of hemicelluloses.

Crystal structures of CNFs produced from BEP

and algae

Cellulose I is the most abundant cellulose polymorph

in nature, which can also be classified into two

polymorphs Ia and Ib. Cellulose Ib is dominant in

higher plants including wood cellulose, while algal

cellulose is composed of both polymorphs with a

larger fraction of Ia (Koyama et al. 1997; Imai and

Sugiyama 1998). The crystal information files of

cellulose Ia and Ib were obtained from previous

studies by Nishiyama et al. (2002, 2003). The

parameters of the Ia unit cell were a = 6.717 Å,

b = 5.962 Å, c = 10.40 Å, a = 118.08�, b =

114.80�, and c = 80.37�; the Ib unit cell has a =

7.784 Å, b = 8.201 Å, c = 10.38 Å, a = 90.00�,
b = 90.00�, and c = 96.55�. The powder diffraction

patterns as well as the dominant Miller Indices

simulated by Mercury 3.0 of cellulose Ia and Ib with

random orientation are shown in Fig. 7.

The experimental XRD spectra of the algal and

BEP CNFs produced by enzymatic hydrolysis and

microfluidization are shown in Fig. 8, which were

dissimilar to the cellulose Ia and Ib diffraction

patterns shown in Fig. 7. The BEP CNF XRD

spectrum can be simulated by adjusting the FWHM

of cellulose Ib diffraction pattern to 2.5� (Fig. 8a).

Additionally, to the simulation, the parameters

a = 7.73 Å, b = 7.70 Å and c = 95.0� were used in

order to better simulate the less-perfectly ordered BEP

cellulose. Due to a large FWHM, peaks [1-10] and

[110] overlap with each other and appear as a single

broad peak (French and Santiago Cintrón 2013).

The algal CNF XRD spectrum (Fig. 8b) was

simulated based on a standard cellulose Ia diffraction

pattern by using a FWHM of 0.8�. The b parameter

was adjusted to 116.0� in order to better simulate the

less-perfectly ordered algal cellulose. The experimen-

tal spectrum also indicates the algal CNFs have a

preferred orientation along the [100] axis and the [010]

axis. However, Mercury 3.0 software can only simu-

late preferred orientation along one axis. Conse-

quently, we are assuming the algal CNFs are a

hybrid of cellulose Ia with preferred orientation along

the [100] axis and cellulose Ia with preferred orien-

tation along the [010] axis. Therefore the cellulose Ia
hybrid diffraction patterns can be simulated as:

IntensityHybrid ¼ Intensity100 � P100 þ Intensity010
� 1� P100ð Þ

whereP100 is thepercentage of cellulose Iawith preferred
orientation along the [100] axis. The March–Dollase

factor for bothpreferred orientation ([100] and [010])was

set to 0.65. By adjusting the P100 value, we found that

when P100 equals 75 %, the simulated algal CNF XRD

pattern agrees very well with the experimental pattern

(Fig. 8b). The simulation can be interpreted as that 75 %

of the algal CNF sample has a fraction of crystallites

(March–Dollase factor = 0.65) having preferred orien-

tation along [100] axis; while 25 % of the algal CNF

sample has a fraction of crystallites (March–Dollase

factor = 0.65) having preferred orientation along [010]

axis (Fig. 9). Algal CNFs have more preferred orienta-

tions than pulp CNFs could possibly be explained by the

web-like structure of algal microfibrils (Fig. 3b). Some

large microfibril bundles from algal CNF samples may
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still contain several microfibrils, which likely has

preferred orientations along the [100] or [010] axes due

to the microfibrils intertwining with each other.

Additionally, the smaller FWHM of algal CNFs

than BEP CNFs may also agree with its larger Segal CI

(French and Santiago Cintrón 2013). The crystallite

widths of BEP and algal CNFs were calculated as 3.6

and 11.3 nm (Table 1), respectively, which are con-

sistent with their elementary microfibril widths of*5

and 10–30 nm (Mihranyan 2011). The crystallite

lengths of BEP and algal CNFs were calculated as

37.0 and 118.7 nm (Table 1), respectively. The

calculated crystallite width and length of the BEP

CNFs were also comparable to CNFs produced from

other types of pulps (Leppänen et al. 2009).
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Fig. 9 Drawing showing the hybrid of algal CNFs. The hybrid

can be interpreted as 75 % of the algal CNF sample has a

fraction of cellulose Ia crystallites (March–Dollase fac-

tor = 0.65) having preferred orientation along the [100] axis;

while 25 % of it has a fraction of crystallites (March–Dollase

factor = 0.65) having preferred orientation along the [010] axis
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Conclusions

Cellulose was extracted from algae Cladophora glom-

erata and processed into cellulose nanofibrils (CNFs).

Increasingmicrofluidization times produced CNFswith

smaller and more uniform size (diameter) and lower

crystallinity. However, enzymatic pretreatment had

very limited effects on algal CNF diameter, likely due

to the diameter of algal CNFs produced by only

microfluidization having already reached themicrofibril

levels. Nevertheless, enzymatic pretreatment could

decrease algal CNFs’ crystallinity by a small amount.

Even though algal cellulose had a very high crys-

tallinity, it is likely that enzymewas still able to degrade

the crystallized algal cellulose due to its high specific

surface area. CNFs produced from bleached eucalyptus

pulp (BEP) had much lower crystallinity, larger diam-

eter and worse thermal stability than algal CNFs

produced by the same methods, indicating algal CNFs

to be a novel and promising nano-materials.

The simulation of XRD patterns of algal and BEP

CNFs suggested that: (1) the cellulose Ib crystallites in

BEP CNFs probably have a random orientation. (2) The

algal CNFs are likely a hybrid of cellulose Ia crystallites
with a fraction of 75 % having a preferred orientation

along the [100] axis and another 25 % having a

preferred orientation along the [010] axis; the March–

Dollase factor for both preferred orientations was 0.65.
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