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INTRODUCTION AND BACKGROUND

Our purpose in this chapter is to provide an overview of the enzymology and associ-
ated molecular genetics of wood decay by white-rot fungi. These fungi are able to
fragment the magjor structural polymers of wood and other lignocellulosics-lignin,
cellulose, and hemicelluloses—and to further metabolize the fragments. The white-
rot fungi and related litter-degrading fungi are perhaps nature’s major agents for
recycling the carbon of lignified tissues; indeed, no other microorganisms have been
described that can mineralize fully lignified tissue. The white-rot fungi are obligate
aerobes, deriving their nourishment from the biological combustion of wood and
associated materials. using molecular oxygen as terminal electron acceptor. Their
internal energy-yielding metabolic pathways are those shared by most aerobic or-
ganisms. Our focus here is on the extracellular polymer-fragmenting enzyme sys-
tems and not on the intracellular fragment-metabolizing machinery. This chapter is
meant to provide some insight into the biochemistry and molecular biology of the
decay process as it is harnessed in biopulping. We refer to summaries and other
literature that can be consulted for further detail on specific aspects of the subject.
Brief descriptions of the structure of the wood cell and its component polymers, and
of the microscopic features of decay, provide a framework for the description of the
enzymology and molecular genetics.

Structure of Wood Cell Wall and Component Polymers

Wood is comprised primarily of roughly spindle-shaped cells. The thickened walls
are composites of the three structural component polymers, with contiguous cells
held together by the lignin. Figure 9.1 provides a common representation of the
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Figure 9.1 Schematic illustration of the molecular architecture of wood tissue, showing the
relationship of contiguous cells (left), cutaway view of the cell wall layers (center), and one
depiction (from Goring, 1977) of the relationship of the lignin, hemicelluloses, and cellulose
in the secondary wall. Recent evidence suggests a more intimate admixture of the lignin and
hemicelluloses than illustrated here (R. Atala, persona communication.) The diameter of
each cell is approximately 25 pm. S1-S3, secondary cell wall layers: P. primary wall; and
M. L., middle lamella

organization of wood ceil wall structure and ultrastructure, as described in the fol-
lowing paragraphs. Sjostrom (1993) and Fengel and Wegener (1984) discuss the
structure of wood in more detail than presented here.

The basic morphology of wood cell wallsis determined by the cellulose, which
makes up approximately 45% of the weight of wood. It is a linear polymer of anhy-
drocellobiose units linked by b-1.4-glycosidic bonds (Figure 9.2). Van der Waals
forces and hydrogen bonding interactions between and within cellulose molecules,
however, make natural cellulose structurally complex; the individual cellulose mole-
cules are arrayed in bundles known as microfibrils, each of which contains approxi-
mately 40 individual cellulose molecules. Within these bundles the cellulose is
highly ordered and thus appears crystalline in diffraction measurements. Because
the fibrils have long-range curvature in their native state and are subject to torsional
deformation, diffractometeric measurements indicate some amorphous character.
The microfibrils are arranged in lamella that are in the plane of the cell wall.

The cell wall is comprised of layers of microfibrils: in the primary wall, which
is laid down first by the living cell, the fibrils appear to be randomly oriented within
a matrix consisting of xyloglucan and pectic substances at the cell surface. Nest are
the secondary layers (the bulk of the weight of wood), in which the cellulose mi-
crofibrils are organized parallel to each other in lamellae. Within the lamellae, the
microfibrils spiral a an angle to the long axis of the cell. Three regions are identified
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Figure 9.2 Cellulose structure is complex, even though the basic molecule (A) is simple:
the number (n) of cellobiose units per molecule can be on the order of 5,000. An end-on view
of five cellulose molecules (B) shows the arrangement in the crystal lattice of native cellulose
(from Sjéstrom. 1993). The microfibrils of cellulose in wood contain approximately 40 chains
and have crystalline domains averaging 100 to 150 cellobiose units, separated by less ordered
(amorphous) domains. Cellulose chain ends probably occur buried within the matrix (C) (N.
Gilkes, personal communication): a = amorphous. ¢ = crystalline.

within the secondary wall: the S1, S2, and S3 layers; within these the microfibrils
have different parallel orientations in respect to the axis of the cell. The bulk of the
wall is the S2 layer, in which the microfibrils are at an acute angle to the long axis
of the cell; the angle diminishes from juvenile to mature wood, and eventually the
fibrils are essentially parallel to the cell axis. The cellulose fibrils nearest the lumen
of the cell comprise the tertiary layer and are oriented nearly perpendicular to the
long axis of the cell. The supramolecular organization of native cellulose is dis-
cussed in greater detail by Atalla (1993). Figure 9.1 illustrates the foregoing.

The cellulose microfibrils appear to be embedded in a matrix of hemicelluloses
and lignin (Figure 9.1); one view holds that the hemicelluloses form a coating on
the cellulose microfibrils, with the lignin connecting to the hemicellulose coating
(Goring, 1977; illustrated in Figure 9.1). More recently, evidence has been devel-
oped to suggest that the hemicelluloses may be more intimately blended in with the
cellulose in the microfibrilsthan isimplied by Figure 9.1 (Atalla, 1995; Hackney et
al., 1994). Lignin is covalently bonded via infrequent linkages to the hemicellul oses.

Hemicelluloses make up 25 to 30% of the weight of wood. Like cellulose, their
backbones are linear b-1.4-linked monosaccharide polymers (Figure 9.3), but the
hemicellulose molecules are much shorter than cellulose molecules—on the order
of 150 to 200 sugar residues. Also, like cellulose, they are stereoregular. They differ
from cellulose, however, in that they have side groups consisting of sugars, sugar
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Figure 9.3 A. Structure of O-acetyl-4-O-methylglucuronoxylan (R = H or acetyl), the
major hemicellulose of hardwoods. Approximately 7 of 10 xylosyl residues are acetylated,
and about every tenth contains the a-glucuronic acid moiety. In conifers, this same basic
structure occurs, but without acetyl groups, with more glucuronic acid residues, and with a-
arabinose residues at C-3 on about every eighth xylosyl residue.

B. Structure of O-acetylgalactoglucomannan (R =H or acetyl), the major hemicellulose of
conifers. The galactose:glucose:mannose ratio is approximately 1:1:3. Hardwoods contain a
minor amount of glucomannan (without the galactose residues), with a glucose:mannose ratio
of 1:1-1:2: the polymer may or may not be acetylated.

acids, and acety! esters. These groups render hemicelluloses noncrystalline or only
poorly crystalline, so that they exist more as a gel than as oriented fibers. It has been
suggested that the hemicelluloses, in association with the cellulose, influence the
organization of lignin (Atalla, 1995; personal communication).

The major hemicellulose in angiosperm wood (hardwood), making up 15 to 30%
of the weight, is O-acetylglucuronoxylan (structure in Figure 9.3A, without the ara-
binosyl residue). In conifer wood (gymnosperm wood, softwood) the major hemi-
cellulose is O-acetylgalactoglucomannan, comprising about 20% of the wood
weight (Figure 9.3B). Conifer wood also contains 5 to 10% of a nonacetylated
arabinoglucuronoxylan (Figure 9.3A). Hardwoods also contain about 3 to 5% of a
b-1,4-linked glucomannan (Figure 9.3B). The structures of these, as well as less
quantitatively important wood hemicelluloses, are described in detail by Timmel
(1967).

Lignin has an entirely different structure from cellulose and hemicellulose. It is
a branched polymer of substituted phenylpropane units joined by C-C and C-O-C
linkages. Lignin is achiral despite the presence of humerous asymmetric carbons—
aresult of its formation via the polymerization of free radical precursors. The major
linkage, the arylglycerol-b-aryl ether substructure, comprises about half of the total
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interunit linkages. Figure 9.4 provides a schematic of lignin structure, with the ma-
jor linkage substructure circled. The structure of lignin is discussed in detail by
Adler (1977).

Microscopic Features of the White-Rot Process

Like most fungi, white-rot fungi exist primarily as branching threads termed hyphae,
usually 1to 2 pin diameter, which grow from the tips. Originating from spores or
from nearby colonies, hyphae rapidly invade wood cells and lie along the lumen
walls (Figure 9.5). From that vantage, they secrete the battery of enzymes and me-
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Figure 9.4 Schematic formula showing the major interunit linkages between the phenylpro-
pane units of softwood lignin, with an example of the maor arylglycerol-b-aryl ether sub-
structure circled. Hardwood lignins are similar, but are made up to varying extents by phenyl-
propane units containing two rather than one methoxyl group ortho to the p-oxygen
substituent (after Hammel, 1996).
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Figure 9.5 Cell wall erosion of a conifer trachied by a white-rot fungus. The arrows point
to the fungal hyphae, which are branched. One hypha has penetrated the wall into the next
cell via a bore hole. A fungus-produced polysaccharide matrix surrounds the hyphae and
extends over the cell wall surface. Bar is 10 um. (Courtesy of R.A. Blanchette).

tabolites that bring about the depolymerization of the hemicelluloses and cellulose
and fragmentation of the lignin (Fiure 9.6).

The white-rot fungi exhibit two gross patterns of decay: (1) a simultaneous decay,
in which the cellulose, hemicelluloses, and lignin are removed more or less simulta
neoulsy, and (2) delignification, in which the lignin and hemicelluloses are removed
ahead of the cellulose. In simultaneous decay, erosion troughs are observed beneath
the hyphae. The cell walls become gradually thinner, often in a nonuniform manner,
with holes appearing between cells as decay advances. The extent of decay varies
from cell to cell, with some heavily attacked cells occurring adjacent to relatively
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Figure 9.6 Schematic illustrating the action of extracellular hydrolytic and oxidative en-
zymes on the structura polymers of wood. The enzymes convert the polysaccharides to mo-
nosaccharides and acetic acid, and the lignin to low molecular weight fragments, al of which
are taken up by the growing hyphae and converted to CO,, H,O, and new fungal mass.

sound cells. In the delignification pattern, cell walls retain their morphology, but
gradually become unreactive to lignin stains and increasingly reactive to cellulose
stains as the protective lignin coating is removed. Fungi vary grestly in causing the
two types of decay—among species and among strains within a species. Indeed,
sometimes a single fungus causes simultaneous decay in one part of wood, and
delignification close by. The factors responsible for the occurrence of one versus the
other pattern of decay are as yet unclear. It seems apparent, however, that the pattern
most useful for biopulping is delignification. The reader is directed to Chapters 8
and 10 in this book and to the reviews by Blanchette (1991, 1995) for further detail
concerning the morphology of white rot.

The picture of how the hyphae bring about the decay of wood is becoming in-
creasingly clear at the molecular level, even though much remains to be learned
about the specific enzymes of the white-rot fungi per se. Evidence indicates that
polymer-fragmenting enzymes and required metabolizes are secreted into a fungal
polysaccharide matrix (a b-1-3 glucan) that extends from the hyphae onto the lumen
wall al surface, sometimes over the entire inner surface (Blanchette, 1991; Ruel and
Joseleau, 1991). This matrix is thought to direct the enzymes to the site of action—
the exposed surfaces of the wall polymer composite. Enzymes are too large to pene-
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trate the sound, intact wood cell (Cowling, 1961; Blanchette et al., 1996; Flournoy
et a., 1993; Srebotnik et al., 1988). The simultaneous pattern of decay is consistent
with an erosion from the exposed lumen surfaces through the cell wall layers. On
the other hand, the second pattern, delignification, often progresses deep into the
cell wall. Selective enzymatic removal of the lignin-hemicellulose matrix starting at
the lumen surfaces might be expected to expose additional enzyme-accessible sur-
faces, alowing enzymes to work their way into the walls. However, experimental
evidence does not support this view. For example, in a recent study, Blanchette
and co-workers (1996) found that during decay of pine by the selective delignifier
Ceriporiopsis subvermispora, the walls gradually become permeable to insulin (5.7
kDa), and then to myoglobin (17.6 kDa), but not to ovalbumin (44.3 kDa), even in
relatively advanced stages of decay (see Chapter 10). As described in the following
sections, lignin-degrading enzymes and many of the polysaccharidases are in the
same size range as ovalbumin. It is considered likely, therefore, that enzyme-gener-
ated lignin-oxidizing species penetrate from the lumens into the walls; indeed, there
is some biochemical evidence for such species, as discussed later in the section on
lignin-degrading systems.

The rest of this chapter describes the enzymology and molecular biology of cellu-
lose-, hemicellulose-, and lignin-degradation by white-rot fungi. Because white-rot
fungi are the only organisms known to be able to mineralize lignin, their lignin-
degrading systems have been studied extensively. We place some emphasis on the
ligninolytic systems, because we presume them to be of paramount importance in
biopulping. Unfortunately, their cellulose- and hemicelluiose-degrading systems
have received much less attention. They have been studied enough, however, to
indicate with some general assurance that they are analogous to the extensively
studied polysaccharidase systems of Trichoderma reesei and certain other ascomy-
cetous fungi that efficiently degrade isolated wood polysaccharides. Because they
do not degrade lignin, T. reesel and the other studied ascomycetes do not cause
wood decay. T. reesei was recognized as a major degrader of cotton fabrics used in
World War 11, resulting in an early focus on its efficient cellulose-degrading system;
in recent years, investigation of its powerful hemicellulose-degrading systems has
begun as well.

THE CELLULOSE-DEGRADING SYSTEM

Enzymology

The cellulase system of T. reesal isillustrated in Figure 9.7. The efficient hydrolysis
of cellulose to glucose requires three kinds of enzymes: endoglucanase (endo-1,4-
b-glucanase), cellobiohyrolase (exo-1,4-b-glucanase), and b-glucosidase. All three

of these enzymes have also been described in Phanerochaete chrysosporium, the
white-rot fungus whose wood-degrading stystems have been studied most exten-
sively (Eriksson et a., 1990). The reason for the multiplicity is not yet clear, but
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Figure 9.7 Three hydrolytic enzymes act synergistically to convert cellulose to glucose,
al by hydrolyzing glucosyl-b-1-4-glucosyl bonds. Endoglucanases (EGs) hydrolyze internal
bonds, producing oligomers with new chain ends. EGs act preferentially in the amorphous
regions of the microfibrils. Cellobiohydrolases (CBHs) act processively on the existing chain
ends and on those created by the endoglucanases, releasing cellobiose molecules. In the
Trichoderma reesei system, CBH | acts on the reducing ends and CBH Il on the nonreducing
ends of the chains. other fungi probably also have two types of CBHs (N. Gilkes, persona
communication). b-Glucosidase cleaves the released cellobiose to two glucose molecules.

NR. R = nonreducing and reducing ends of chains, C = crystaline regions. (Adapted from
Teeri. 1997.)

might have to do with different specificities for different structures or microfibril
faces within the cellul ose superstructure.

Endoglucanases (EGs. enzyme 1 in Figure 9.7) hydrolyze internal b-1,4-glucosi-
dic bonds preferentially in the amorphous regions of the cellulose microfibrils, as
illustrated in Figure 9.7. The endoglucanase action releases new celluose chain ends.
Together with the other exposed chain ends, these are the site of action of the cello-
biohydrolases, which in turn hydrolyze off cellobiose units. The b-glucosidases
cleave the cellobiose into two glucose molecules. Both cellobiose and glucose are
taken up by the hyphae and assimilated, the latter probably after hydrolysis by intra-
cellular or wall-bound b-glucosidase.

Fungal endoglucanases have been extensively characterized. They usualy have
molecular sizes of 25 to 50 kDa; those of Phanerochaete chrysosporium vary be-
tween 28 and 37 kDa (Eriksson et a., 1990). The endoglucanases of T. reesel are
tadpole-shaped, about 5 nm in diameter and 20 nm long. They have acidic pH op-
tima, and pls that range from acidic to slightly alkaline. The endoglucanases have
two distinct structural domains, the catalytic (tadpole head) and binding (tail) re-
gions, which are separated by a “linker” domain that is usually glycosylated. The
endoglucanases have a groove-shaped catalytic region that allows them to cleave
cellulose molecules aong the chain (Divne et a., 1994). Four of the five isozymes
of P. chrysosporium are glycosylated, which is a common feature among fungal
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extracellular enzymes. The effect of endoglucanase | of T. reesel on cotton cellulose
isto cause arapid depolymerization, forming fragments mainly centered around an
average degree of polymerization (DP) of approximately 200 (Kleman-Leyer et al.,
1996).

The fungal cellobiohydrolases (CBHs, enzyme 2 in Figure 9.7) act synergistically
with the endoglucanases to solubilize high-molecular-size cellulose. In contrast to
the endoglucanases, the CBHs have active sites buried in tunnels, an architecture
that precludes action in the middle of cellulose chains and relegates them to the
chain ends (Divne et a., 1994). Accordingly, in arecent study CBH Il of T. reesei
had no detectable effect on the DP of cotton cellulose and caused only a 3% solubili-
zation; however, it rapidly solubilized a lower DP cellulose and acted synergistically
with EGI to solubilize cotton (Kleman-Leyer et a., 1996). Fungal CBHs share con-
siderable sequence and structura similarity with the endoglucanases, pointing to a
common evolutionary origin. P. chrysosporium has at |east three cellobiohydrolase
isozymes (Uzcategui et al., 1991). Partial sequences of the P. chrysosporium en-
zymes showed homology to CBHI and EGI of T. reesei (Uzcategui et al., 1991).
Most characterized fungal CBHs are glycosylated and have acidic pH optima.

Phanerochaete chrysosporium has multiple b-glucosidases (b-G. enzyme 3in
Figure 9.7) whereas Trichoderma reesei apparently has but a single isozyme (Desh-
pande et a., 1978; Smith and Gold, 1979). They are al active on cellobiose and also
on various glucosides. They are large as compared with the polymer-hydrolyzing
enzymes, varying between 165 and 182 kDa (Eriksson et al., 1990). Smith and Gold
(1979) described intracellular and extracellular b-glucosidases in P. chrysosporium;
the extracellular enzyme had an acidic pH optimum, whereas, as expected, the intra-
cellular enzyme was most active at neutral pH. Recently, Lymar and co-workers
(1995) isolated an extracellular isozyme of 114 kDa from P. chrysosporium; proteo-
Iytic cleavage demonstrated separate catalytic and cellulose-binding domains.

The cellulase systems of the white-rot fungi useful in biopulping, such as C.
subvermispora, have not yet been studied to a significant extent. Under biopul ping
conditions, these fungi preferentially cause the delignification pattern of attack on
wood (Blanchette et al., 1996). After much of the lignin has been removed, intact
cell wails composed primarily of cellulose can remain, athough this extent of delig-
nification is not reached in the relatively brief times of fungal treatment in biopulp-
ing. Obviously, the wood cell walls are not exposed to a very active cellulase system
during biopulping. We presume these fungi have active cellulases under some condi-
tions, but this area of investigation—the cellulases of selective delignifying fungi
and their regulation—needs further attention.

Molecular Genetics

On the basis of structural similaritiesto T. reesei cellulase genes, a single CBHII-
like (Tempelaars et a., 1994) and six CBHI-like (Sims et al., 1988; Covert 1990;
Covert et a., 1992a,b) clones have been identified in P. chrysosporium. With the
exception of cbhl-1, all share the aforementioned tripartite architecture common to
microbial cellulases—catalytic and cellulose-binding domains separated by a glyco-
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sylated “linker” region. The cbhl-1 gene lacks the binding domain and hinge region
Covert et a., 1992b). More recently, similarly truncated cbhl genes have been
Identified in the nonwood decay fungi Cochiobolus carbonum and in Cryphonectria
parasitica (Sposato et al., 1995; Wang and Nuss, 1995). Cosmid mapping identified
aP. chrysosporium gene cluster containing cbh1-1, cbh1-2, and cbh1-3 within a 30
kb region (Covert et al., 1992b). Linkage has not been detected between the other
cellobiohydrolases (Covert et al., 1992a; Gaskell et al., 1994). To date, noendoglu-
canuse-like genes have been cloned from P. chrysosporium, and it has been sug-
gested that the cbhl -like genes may encode proteins with endoglucanase activity
(Smsetd., 1994).

Regulation of the production of fungal cellulases is complex, and, again, most
research has focused on the T. reesei system (reviewed by Nevaainen and Penttila.
1995). Generaly, endoglucanase and cellobiohydrolase synthesis is induced by cel-
lulose and inhibited by glucose, and regulation is at the transcriptional level. The
identity of the inducing component(s), presumed to be small molecular weight com-
pounds, has been elusive. Low levels of constitutive cellobiohydrolase activity
might be important in the formation of the inducer (El-Gogary et al., 1989). In
addition, a glucose-inhibited permease may facilitate the uptake of putative inducing
diglucosides (e.g., cellobiose, sophorose) and thus play an important regulatory role
(Kubicek et al., 1993). Far less is known of cellulase regulation in biopulping fungi,
but al known fungal cellulase genes share substantial sequence homology and cellu-
lose induction appears to be a general phenomenon.

The multiple cellobiohydrolase genes of P. chrysosporium are transcriptionally
regulated. Under cellulose induction, levels of the dominant transcript. cbh1-4, ex-
ceed the closely related gene. cbhl-1, by greater than 1.000-fold (Covert et a.,
1992b; Vanden Wymelenberg et a., 1993). Interestingly, differential splicing of an
intron within the cellulose binding domain has been demonstrated for two cbhl
genes (Sims et al., 1994; Birch et al., 1995). Successful expression and secretion of
P. chrysosporium cbh1-4 has been reported in S. cerevisiae (Rensburg et al., 1996).
The precise roles and interactions of individual genes and/or differentially spliced
gene products in cellulose degradation are unclear.

In addition to the hydrolytic enzymes described in the foregoing, extracellular
oxidative enzymes apparently are involved in cellulose degradation by P.
chrysosporium and presumably by other white-rot fungi (Eriksson et al., 1990; An-
der et a., 1996). Cellobiose dehydrogenase (CDH) is an extracellular enzyme con-
taining two domains; one contains flavin adenine dinucleotide (FAD) and the other
a heme (Henriksson et al., 1991; Habu et al., 1993). Produced by severa fungi,
including P. chrysosporium, CDH has been shown to oxidize cellobiose and various
oligosachharides. Production of CDH is stimulated by cellulose as a carbon source
and, like the cellulases, it strongly binds to the substrate. The exact role of cellobiose
dehydrogenase (CDH) is uncertain, but its removal of cellobiose serves to remove
a powerful inhibitor of CBH (Westermark and Eriksson, 1974; Ayers et a., 1978).

cDNAs encoding P. chrysosporium CDH have been sequenced (Raices et al.,
1995; Li et a., 1996). The flavin and heme domains were recognizable within the
predicted amino acid sequence, but no cellulase-like cellulose-binding domain was
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observed. Southern blots suggest that CDH is encoded by a single gene, and North-
ern blots identified CDH transcripts in cultures with cellulose, but not in glucose- or
cellobiose-containing cultures (Li et a., 1996). The reader is referred to several
reviews for more detail concerning cellulose-degrading enzymes (Eriksson et al.,
1990; Kubicek, 1992; Teeri, 1997; Gilkes et a., 1991; Wood, 1992).

THE HEMICELLULOSE-DEGRADING SYSTEMS

Overview of Enzymology

Fig. 9.8A and B show schematically the enzymology of degradation of the two
major wood hemicellulose polymers, the glucuronoxylans and the galactoglucoman-
nans. In the degradation of both polymers, specific hydrolyses act synergistically to
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Figure 9.8 Enzymes needed to hydrolyze wood hemicelluloses. (The structural representa-
tions are simplifications of the same basic structures shown in Figure 9.3.)

A. Four hydrolyses are needed to completely hydrolyze O-acetyl-4-O-methylglucuronoxylan:
(1) endoxylanase, (2) acetylxylan esterase, (3) a-glucuronidase, and (4) b-xylosidase. A fifth
enzyme, (5) a-arabinosidase, is required to hydrolyze the arabinose residues off of the ambi-
nose-substituted xylan of conifers (see text for details).

B. Five hydrolyses are needed to completely hydrolyze O-acetylgalactoglucomannan: (1)
endomannase, (2) a-galactosidase, (3) acetylglucomannan esterase, (4) b-mannosidase, and



THE HEMICELLULOSE-DEGRADING SYSTEMS 285

bring about complete conversion to monomeric sugars and acetic acid, as illustrated
in Figure 9.6. Although considerable progress has been made recently in understand-
ing the enzymology of the hemicellulases, primarily because of their biotechnologi-
cal potential (Srebotnik and Messner, 1996), only a few studies have been made of
the hemicellulases of white-rot fungi and relatively little is known about them. This
notwithstanding, it is clear from their ability to decay wood (i. e, to deplete all the
structural components), and from studies demonstrating growth on hemicellulose
substrates, that white-rot fungi have effective hemicellulase systems (Tenkanen et
al., 1996). In the following section, we cite the few studies with white-rot fungi that
have been done, but most of the information presented is based on studies with
nonwood-decaying ascomycetes. We assume that the systems of white-rot fungi are
analogous to those of other fungi, although it seems possible that evolutionary pres-
sures to function in the tight molecular architecture of lignified cell walls could have
altered enzyme sizes, shapes, and specificities.

Xylan-Degrading Enzymes

Asiillustrated in Figure 9.8A, hydrolysis of O-acetylglucuronoxylan requires four
different enzymes: endo-1,4-b-xylanase (endoxylanase), acety! esterase, a-gluc-
uronidase, and b-xylosidase. Tenkanen and co-workers (1996) have recently demon-
strated the synergy of various combinations of these enzymes from T. reesei in
hydrolyzing beech wood xylan. Research has disclosed in single fungi an array of
endoxylanases with different specificities (Coughlan et al,. 1993), a multiplicity that
probably reflects the complexity of the substrate xylans (Wong et a., 1988). Some
hydrolyze the backbone xylan chain near substituents much more efficiently than
others. Similarly, there is evidence that a-glucuronidases, a-arabinosidases, and ace-
tyl esterases differ in specificity in respect to neighboring substituents and xylan
chain length. Thus, the efficient hydrolysis of the native xylan substrate seems to
involve not only the four types of enzymes (Tenkanen et al., 1995), but also proba-
bly multiple isoenzymes of several of them. Softwood xylan degradation requires a
fifth enzyme, a-arabinofuranosidase, but not the esterase.

The physical properties of endoxylanases (enzyme 1 in Figure 9.8A) are begin-
ning to be studied. Those of fungi apparently vary widely in molecular weight, at
least over the range 16 to 75 kDa, and they vary widely in pl (Coughlan et al.,
1993). Because xylans are substituted and not highly crystalline, it is perhaps to be
expected that the enzymes that act on them differ fundamentally from the cellulases.
A recent study indicated that the endoxylanases of fungi do not bind strongly to
xylan, mannan, or cellulose (Tenkanen et al., 1995). Interestingly, some bacterial
endoxylanases possess a cellulose-binding domain, the function of which is not
known; the binding domain does not bind to xylan, nor does it enhance xylan hydro-
lysis (Coughlan et al., 1993). A T. reesel xylanase has been shown to have an ellip-
soidal shape and to lack binding domains (Torronen et al., 1994).

As mentioned, the endoxylanases of white-rot fungi have not been investigated
to the extent of those of other fungi. Highley (1976) showed that culture filtrates of
T. versicolor were active on a number of polymeric xylan substrates. Two endoxyla-
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nases from Irpex lacteus were purified and shown to be glycoproteins with molecu-
lar masses of 38 and 62 kDa and to have acidic pH optima; they partially depolymer-
ized larch xylan (Kanda et a., 1985; Hoebler and Brillouet, 1984). P. chrysosporium
was shown to produce multiple endoxylanases. The enzymes are between 18 and 90
kDa, have acidic pH optima, and have mainly acidic pls (Copa-Patino et a., 1993;
Dobozi et al., 1992).

Acetyl xylan esterases (enzyme 2 in Figure 9.8A) have been isolated and charac-
terized from a number of filamentous fungi, including T. reesel, A. niger and
Schizophyllum commune; the last is a wood-inhabiting basidiomycete but does not
decay wood. Two relatively nonspecific T. reesei xylan esterases were isolated and
characterized. They are 34 kDa glycoproteins and have neutral pls and acidic pH
optima. They were active on acetylated xylocdigomers of average DP 10, on ace-
tylated glucose and xylose, and on aromatic acetates, but not on aliphatic acetates
(Sundberg and Poutanen, 1991). Two acetylxylan esterases recently isolated from
Penicillium purpurogenum were apparently the products of two genes (Egafia et a.,
1996). The enzymes, of molecular sizes of 23 and 48 kDa, had neutral pls and acidic
pH optima. They were active on birch xylan, oat spelt xylan, xylose tetra-acetate,
and a-naphthyl acetate.

a-Glucuronidases (enzyme 3 in Figure 9.8A) have been reported from the non-
wood-decay ascomycetous fungi Thermoascus aurantiacus (Khandke et al., 1989)
and T. reesei (Siika-aho et a., 1994), as well as from the white-rot fungus P.
chrysosporium (Castanares et al., 1995). An a-glucuronidase from T. reesei had a
molecular mass of 91 kDa, and acidic pH optimum and pl value. It preferred low
molecular weight xylooligomers, acting mainly on the linkage between the termina
xylose at the nonreducing chain end and the 4-O-methylglucuronic acid residue.
Significant synergism was observed between it and an endoxylanase in hydrolyzing
glucuronoxylan. The Thermoascus enzyme had a molecular mass of 118 kDa and
was active on xylan and xylooligosaccharides. Castanares and co-workers (1995)
chose P. chrysosporium from among several fungi in searching for a high producer
of a -glucuronidase. They purified the single enzyme produced by their culture and
partially characterized it as to substrate specificity. It had a molecular mass of 112
kDa and an acidic pH optimum. It acted synergistically with fungal endoxylanase,
b-xylosidase, and -arabinofuranosidase to hydrolyze a birch wood xylan.

b-Xylosidases (enzyme 4 in Figure 9.8A) have been described from several dif-
ferent fungi (Eriksson et a., 1990). The enzymes hydrolyze xylooligosaccharides to
xylose and are needed for the complete hydrolysis of wood xylans. Those described
vary from 90 to 122 kDa. and most have acidic pH optima and pls. Most show
highest activity on xylobiose and no activity on xylan. One from T. rees was
shown to be competitively inhibited by xylose (Poutanen and Puls. 1988). A b-
xylosidase partially purified from P. chrysosporium acted synergistically with a mix-
ture of endoxylanase and a-glucuronidase, but the enzyme was not further charac-
terized (Castanares et ., 1995).

a-Arabinofuranosidases (enzyme 5 in Figure 9.8A) have been reported from a
number of filamentous fungi, as well as from bacteria. They have been studied in
part because of their usefulness in dehazing fruit juices and improving animal feed
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digestibility. The enzymes vary in ability to hydrolyze off the arabinose residuesin
polymeric versus low molecular weight substrates (produced by endoxylanases). In
arecent study, Luonteri and co-workers (1995) isolated and characterized three a-
arabinofuranosidases from the ascomycete Aspergillus terreus. The enzymes had
molecular masses of 39, 59, and 59 kDa, acidic pH optima, and slightly alkaline
pls. All three were able to hydrolyze the arabinose residues off both polymeric
and low molecular weight model substrates. Synergism with endoxylanases was not
notable. In another recent study, an a-arabinofuranosidase was isolated from A.

awamori (Wood and McCrage, 1996). Its molecular mass was 64 kDa, it had an
acidic pH optimum, and it existed as two isoenzymes with acidic pl values. It had
only a limited ability to release arabinose from polymeric substrates and showed
strong synergism with endoxylanases, indicating a preference for xylooligomers. In
still another recent study (Filho et a., 1996), two a-arabinofuranosidases were iso-

lated, purified, and characterized from solid-state cultures of the ascomycete Penicil-
lium capsulatum. They were glycoproteins of 64.5 and 62.7 kDa, with acidic pl
values. The enzymes catalyzed the release of arabinose from pectin, araban, and
arabinose-containing xylans; the last activity was enhanced by pretreatment of the
substrates with endoxylanase and other substituent-removing enzymes. Roche and
co-workers (1995) recently showed that a-arabinofuranosidase was the mgjor pro-
tein secreted by T. reesei growing on beet pulp.

Molecular Genetics of Xylan-Degrading Enzymes

To our knowledge, endoxylanase genes have not been cloned from any white-rot
fungi; however, an impressive number have been cloned from other fungi, including
Aurobasidium pullulans, Penicillium chrysogenum, Trichoderma spp., Aspergillus
spp., Chaetomium gracile, Cochliobolus carbomun, and Magnaporthe grisea (re-
viewed by Morriset al., 1996). Only two basidiomycete sequences have been re-
ported, from Cryptococcus albidus (Boucher et a., 1988) and S. commune (Y aguchi

et a., 1992); neither fungus decays wood. All fungal sequences show considerable
conservation. For example, the deduced S. commune amino acid sequence is 55%
identical to a Trichoderma viride sequence (reviewed by Y aguchi and co-workers,
1992).

Fungal endoxylanases are transcriptionally regulated. The most thoroughly stud-
ied has been the xyInA gene of Asperqillustubigensis (de Graff et al., 1994). Xylan
induction and catabolite repression of xylnA were clearly demonstrated, and deletion
analysis identified a 158 bp region within the promoter, which is crucia to regula-
tion. Further, de Graff and co-workers (1994) assessed xylnA expression in related
species and concluded that the same general regulatory mechanisms are operative
in A. nidulans, A. niger and A. tubigensis.

A recent study showed that a single gene for acetylxylan esterase in T. reesei
encodes two previously reported forms of the enzyme, and that the enzymes have a
cellulose-binding domain (Margolles-Clark, et al., 1996). Interestingly, the enzyme
exhibits homology to fungal cutinases, but not to other esterases.
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Glucomannan-Degrading Enzymes

Asillustrated in Figure 9.8B, five types of enzymes are also involved in the com-
plete hydrolysis of O-acetylgalactoglucomannans. The main backbone polymer is
attacked by endomannanases, releasing oligomeric fragments. Acetylmannan ester-
ase removes the backbone acetyl groups, much as the xylan esterase does in the case
of the xylans. a-Galactosidase removes the substituent galactose residues, much as
the arabinosidase and glucuronidase do in the case of the xylans. Finally, b-mannos-
idase and b-glucosidase cleave the b- |-4 linkages in the oligomers released by the
endomannases. Although there has been little study of these enzymes in the white-
rot fungi, it is obvious that these fungi have effective glucomannan-degrading sys-
tems (Highley, 1976; Johnson, 1990).

Endomannases (enzyme 1 in Figure 9.8B) have been reported from a number of
different fungi, including the white-rot fungi |. lacteus, Haematostereum sanguino-
lentum, and Coriolus versicolor (Johnson, 1990: Eriksson et al., 1990). More de-
tailed studies have been conducted on the endomannanases from several nonwood
decay ascomycetes. Sporotrichum cellulophilum (Araujo and Ward, 1991). T. reesei
(Arisan-Atac et al,. 1993; Stalbrand et al., 1993, 1995), A. aculeatus (Christgau et
a., 1994), and Sclerotium rolfsii (Gubitz, et al., 1996). Severa fungi have been
reported to produce multiple endomannanases, but it is not yet known whether this
is the result of multiple structural genes. A purified endomannanase from P. purpuro-
genum cleaved the backbone glucomannan between mannose-b-1,4-mannose and
mannose-b-1,4-glucose residues, but not glucose-1,4-mannose residues (Kusakabe
et al., 1988); presumably the endomannanases of other fungi exhibit similar speci-
ficity. The described funga enzymes vary in molecular size between 42 and 61 kDa,
although one from S. cellulophilum exists as a dimer (Araujo and Ward, 1991). The
characterized ones have acidic pH optima and pl values. Interestingly, a T. reesel
endomannanase contains a cellulose-binding domain (Stahlbrand et al., 1995).

a-Galacrosidases (enzyme 2 in Figure 9.8B) from fungi have apparently received
little attention. However, the enzyme has been partialy purified from A. niger; it
was highly specific for the a-anomer and was active on low molecular weight sub-
strates as well as polymeric ones (Bahl and Agarwal, 1969). An a -galactosidase
from the mucoraceous zygomycete Mortierella vinacea was actually isolated in
crystalline form, although apparently not physically characterized. Unlike the As-
pergillus enzyme, it was not active toward polymeric substrates (Suzuki et al.,
1970). An a-galactosidase from Aspergillus tamarii was shown to have a molecular
size of 56 kDa and to be a glycoprotein. The enzyme efficiently cleaved galactose
from o -nitrophenyl-a-D-galactoside, raffinose ( a-D-galactosyl- 1.6-a-D-glucopyra-
nosyl-1.2-b-D-fructofuranoside), and a galactomannan from lucerne (Civas et a.,
1984). a-Galactosidases from white-rot fungi have apparently not been studied.

Acetylglucomannan esterases (enzyme 3 in Figure 9.8B) have been isolated and
partially characterized from A. niger (Pulset a., 1992) and A. oryzae (Tenkanen et
a., 1995). The former enzyme had a molecular size of about 40 kDa, acidic pl
and pH optimum, and was highly active on a spruce O-acetylgal actoglucomannan.
Activity of endomannanase was enhanced by the addition of the esterase. The ester-
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ase from A. oryzae was similar, with a molecular mass of 36 kDa and acidic pH
optimum and PI. It liberated acetic acid from O-acetyl-gal actoglucomannan, O-ace-
tyl-4-O-methylglucuronoxylan, and, in contrast to the A. niger esterase, also from
a -napthyl acetate. Activity was tenfold higher on the mannan than on the xylan,
and the enzyme's activity on O-acetylgalactoglucomannan from Norway spruce was
markedly enhanced by addition of endomannanase and a -galactosidase. Acetylglu-
comannan esterases from white-rot fungi have apparently not been studied.

b-Mannisidases (enzyme 4 in Figure 9.8B) hydrolyze mannose residues from
mannobiose, mannosylglucose, and higher oligomers, but with decreasing activity
with increasing chain length. b-Mannosidase isolated from the (nonligninolytic)
brown-rot basidiomycete Polyporus sulfureus has a molecular mass of about 64 kDa
and liberates mannose from several oligosaccharides (Wan et a., 1976). Elbein and
co-workers (1977) purified and characterized a b-mannosidase from Aspergillus ni-
ger finding it to be a glycoprotein of apparent molecular weight of 120 kDa. It
cleaved p-nitrophenyl-b-mannopyranoside, mannobiose, and mannotriose, as well
as guar flour mannan and locust bean gum. It did not cleave any of several a-linked
mannans or mannosides. Interestingly, Johnson (1990) was unable to detect b-man-
nosidase activity in the white-rot fungi Coriolus versicolor and Haematosterium
sanguinolentum using p-nitrophenyl-b-mannopyranoside as substrate; this could re-
flect alack of activity toward the synthetic substrate, however, b-Glucosidases (en-
zyme 5 in Figure 9.8B) have been discussed earlier in connection with cellulose
degradation.

Molecular Genetics of Glucomannan Degradation

An endomannanase recently cloned from T. reesel and expressed in Saccharomyces
cerevisiae appears to have a cellulose-binding domain with considerable homol ogy
to T. reesal cellulases (Stahlbrand et a., 1995). The T. reesel gene is 58% identical
to an A. aculateus endomannanase clone, but, interestingly, the Aspergillus gene
lacks a discernable binding domain (Christgau et at., 1994). To date, no endomanna-
nase genes have been cloned from any basidiomycete.

THE LIGNIN-DEGRADING SYSTEMS

Overview of the Enzymology

The white-rot fungi are faced with three magjor challenges in their degradation of
lignin. Because the polymer is large, ligninolytic systems must be extracellular.
Because the structure is comprised of interunit carbon-carbon and ether bonds, the
degradative mechanism must be oxidative rather than hydrolytic. And because the
Polymer is stereoirregular, the ligninolytic agents must be much less specific than is
typical of degradative enzymes such as those discussed in the preceding sections.
These challenges have been met through the evolution in white-rot fungi of extracel-
lular peroxidases and oxidases that act nonspecifically via the generation of lignin
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free radicals, which are unstable and undergo a variety of spontaneous cleavage
reactions. The major enzymes acting directly or indirectly on lignin are lignin perox-
idase (LiP), manganese peroxidase (MnP), and laccase (Figure 9.9). There is evi-
dence that all three enzymes can act with low molecular weight mediators to bring
about lignin oxidation. Some white-rot fungi produce all three enzymes, some only
two, and a few, apparently, only one (Eriksson et a., 1990; Orth et al., 1993; Ha-
takka, 1994). The reader is referred to a number of recent reviews on lignin biodeg-
radation (Eriksson et al., 1990; Tuor et a., 1995; Cullen and Kersten, 1996; Ham-
mel, 1996; Gold and Alic, 1993; Higuchi, 1993).

Lignin Peroxidases LiPs resemble other peroxidases such as the classical, exten-
sively studied enzyme horseradish peroxidase. They have been isolated from severa
white-rot fungi (Orth et al., 1993; Hatakka, 1994). LiPs have molecular masses of
approximately 40 kDa, are glycosylated, and have acidic pls and pH optima. They
contain a single ferric protoporphyrin IX heme moiety and operate via a typical
peroxidase catalytic cycle. Thus LiP is oxidized by H,O,to a 2-electron-deficient
intermediate termed Compound |, which returns to its resting state by performing
two 1-electron oxidations of donor substrates: the 1 -electron-deficient intermediate
is termed Compound I1. LiPs are more powerful oxidants than typical peroxidases
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Figure 9.9 Schematic illustrating the ligninoiytic system of white-rot fungi. Three enzymes
can be involved: lignin peroxidase, manganese peroxidase, and laccase. White-rot fungi have
one or more of these enzymes. Extracellular peroxide for peroxidase oxidation is supplied in
some fungi by glyoxal oxidase as shown. See text for details of the ligninolytic system.
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and, consequently, oxidize not only the usual peroxidase substrates—phenols and
aromatic amines—but also a variety of other aromatic ethers and polycyclic aromat-
ics with appropriate ionization potentials (Kersten et a., 1990). The simplest aro-
matic substrates for LiP are methoxylated benzenes and benzyl alcohols.

The LiP-catalyzed oxidation of lignin substructures begins with the abstraction
of one electron from the aromatic ring of the donor substrate; the resulting aryl
cation radical then reacts both as a radical and as a cation, forming a wide variety
of degradation fragments (Figure 9.9). Oxidation of a b-O-4 dimeric lignin model
compound by LiP/H,O,is illustrated in Figure 9.10. The major reaction is Ca-Cb
cleavage (top of figure), which accords well with results obtained with synthetic
polymeric lignins (Hammel et al., 1993). The other reactions, including cleavage of
aromatic nuclei, that areillustrated in Figure 9.10 have been elucidated with model
compounds, in most cases labeled with isotopes (Higuchi, 1993; Kirk and Farrell,
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pound leads to a variety of products. The 1-electron oxidation can be either in ring A or ring
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1987); the reactions can al be explained on the basis of initial formation of aryl
cation radicals in either the A or the B ring, as illustrated. The other substructures
in lignin (Figure 9.4) would undergo analogous reactions, but have not been studied
in detail. These kinds of reactions in the lignin polymer would, of course, lead to a
plethora of products, which iswhat has been observed in the degradation of natural
lignin in wood by white-rot fungi (summarized by Chen and Chang, 1985). Purified
LiP has been shown to depolymerize synthetic lignins (Hammel et a., 1993).

As pointed out at the beginning of this chapter, wood-degrading enzymes, includ-
ing LiP, are too large to enter the pores of the cell wall. Therefore, if LiP acts directly
on the lignin polymer, it must do so on that portion exposed to the lumen surfaces.
Fungal lignin degradation like this is indeed found in the simultaneous decays, but
is not the pattern in the case of selective lignin degraders. In the selective pattern,
electron microscopic investigations reveal that white-rot fungi remove lignin from
the interior of the cell wall before they have degraded it enough for enzymes to
penetrate. It has been proposed that LiP might act indirectly by oxidizing low molec-
ular weight substrates, which in turn penetrate the wall and oxidize the polymer
(Harvey et a., 1986; aso reviewed by Hammel, 1996). Specifically, the secondary
metabolize veratryl alcohol, which is synthesized and secreted by P. chrysosporium
and which is oxidized by LiP to a cation radical (Khindaria et al., 1995a) was pro-
posed to play this role (Harvey et al., 1986). However, recently it was shown that
veratryl alcohol cation radical istoo short-lived to function as a diffusible mediator
(Khindaria et a., 1995a). Another problem in assigning a central roleto LiPisthat
itisnot found in many fungi (Orth et a., 1993; Hatakka, 1994) that degrade lignin
well, including C. subvermispora (Jensen et al., 1996). which is the most studied
biopulping fungus (see Chapter 10). Notwithstanding these problems, LiP is the
only fungal oxidant known that can efficiently mimic, in vitro, the Ca-Ch cleavage
and extracellular cleavage of aromatic rings that is characteristic of ligninolysis by
white-rot fungi.

Manganese Peroxidases Manganese peroxidases (MnPs) might provide low mo-
lecular weight diffusible oxidants (Glenn et a., 1986; Paszczynski et a., 1986).
MnPs occur in most white-rot fungi (Orth et al., 1993; Hatakka 1994), including C.
subvermispora (Ruttiman et a., 1992). They are dightly larger than LiPs (50-60
kDa) but, like LiPs, are glycosylated and have acidic pls and pH optima. Like LiPs,
too, they have a conventional peroxidase catalytic cycle, but with Mn(l1) as the
substrate. Compound | of MnP (the intermediate produced by the 2-electron oxida-
tion by H,0O,) can oxidize phenolic substrates or Mn(l1), but compound Il of MnP
apparently is reduced only by Mn(l1). The Mn(l1) must be chelated by bidentate
organic acid chelators such as glycolate or oxaate, which stabilize the product
Mn(l11) and promote its release from the enzyme. The resulting Mn(I11) chelates are
diffusible oxidants that can act at some distance from the enzyme. However, they
are not strong oxidants and cannot attack the nonphenolic units of lignin; rather,
they oxidize the phenolic structures, which makeup about 10% of the units in lignin.
The phenoxy radicals resulting from the 1-electron oxidation undergo a variety of
reactions, some of which result in polymer cleavage within certain units, between
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the aromatic rings and Ca (Tuor, et a., Wariishi, et a., 1991). Interestingly,
Lips have aso been shown to oxidize chelated Mn(l1) in the presence of H,0,
(Popp et a., 1991; Khindaria et al., 1995b).

It seems unlikely that the MnP-catalyzed reaction of phenolic unitsin lignin to
phenoxy radicals can result in extensive depolymerization. Y et white-rot fungi that
lack LiP but have MnP have been shown to degrade nonphenolic lignin substruc-
tures (Jensen et a., 1996). This fact points to other ligninolytic mechanisms. Recent
research shows that the production of diffusible oxyradicals by MnP can occur by
another mechanism than via chelates of Mn(l11). In the presence of Mn(l1), MnP
promotes the peroxidation of unsaturated lipids, generating transient lipoxyradical
intermediates. these have been shown to oxidize nonphenalic lignin model com-
pounds. The MnP/lipid peroxidation system (Figure 9.9) depolymerizes both pheno-
lic and phenol-blocked (methylated) synthetic lignins, indicating that the system
could function to depolymerize lignin in vivo (Bao et a., 1994). Whether thisisthe
case, and if so what the identity of the substrate lipid is, are questions awaiting
further research.

Luccases Laccases are blue copper oxidases that catalyze the |-electron oxidation
of phenolics, aromatic amines, and other electron-rich substrates. Like Mn(I11) che-
lates, they oxidize the phenolic units in lignin to phenoxy radicals, which can lead
to aryl-Ca cleavage (Kawai et a., 1988). This reaction is illustrated for the Mn(l11)

chelate in Figure 9.9. Laccase catalyzes four consecutive |-electron oxidations, then
transfers the electrons to molecular oxygen, reducing it to water, and returning the
enzyme to its native state. The studied laccases from white-rot fungi are 60 to 80
kDa, have acidic pls and pH optima, and are glycosylated. Most white-rot fungi
produce laccase, including P. chrysosporium (Srinivasan et a., 1995). Up to five
isozymes were recently characterized in culture filtrates of C. subvermispora (Salas
et a.,1995; Fukushima and Kirk,1995). Laccase can oxidize nonphenolic lignin-
related substrates in the presence of certain auxiliary substates: ABTS (2.2. -azino-
bis-3-ethylthiazolne-6-sulfonate) is one such substrate (Bourbonnais and Paice,
1990). Recently, Eggert and co-wo rkers (1996) showed that the white-rot fungus
Pycnoporus cinabarinus, which produces laccase but no detectable MnP or LiP,
secretes a laccase substrate, 3-hydroxyanthranilate, which apparently is a natural
intermediary for oxidation of nonphenolic lignin substructures.

Peroxide-Generating Enzymes The peroxidases LiP and MnP require extracellular
H,O,for their in vivo catalytic activity (Figure 9.9). A variety of H,0O,-producing

enzymes have been proposed to fulfill this function, but a few extracellular oxidases
seem more likely candidates than the several suggested intracellular ones. One likely
candidate is glyoxal oxidase GLOX (Kersten and Kirk, 1987). GLOX oxidizes any
of a variety of small aldehydes, including glyoxal and methylglyoxal, which are
extracellular metabolites of P. chrysosporium, and transfers the electrons to O,, gen-
erating H,0,. Another substrate, glycolaldehyde, is produced by the action of LiP
on (b-O-4 lignin substructures, as shown in Figure 9.4. GLOX is aso produced by
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other white-rot fungi, athough apparently not by al (Orth et a., 1993; Hatakka,
1994).

Another likely candidate enzyme in some white-rot fungi, including Bjerkandera
adusta, isaryl alcohol oxidase (AAO). This enzyme oxidizes benzyl acoholsto the
aldehydes, transferring the electrons to O,, producing H,O,. Interestingly, B. adusta
secretes chlorinated benzyl alcohols that are not substrates for LiP, but are for the
AAO. Because B. adusta also secretes LiP, this strategy circumvents the nonproduc-
tive oxidation of the AAO substrate by LiP. The white-rot fungus Pleurtus ostrea-
tus secretes a mixture of benzyl acohols, inciuding anisyl acohol, and an AAO that
oxidizes them.

Various sugar oxidases have also been suggested to be producers of the required
extracellular H,O,. Most are intracellular enzymes. Pyranose oxidase, however,
which oxidizes various monosaccharides at C-2. with transfer of electrons to O,to
produce H,O,, has been located in the extracellular polysaccharide matrix that coats
the lumens of cells during white rot. The enzyme has been studied in P. chrysospor-
ium, Trametes versicolor and Oudemansiella mucida (Daniel et al., 1994).

Molecular Genetics of Lignin Degradation

The molecular genetics of lignin-degrading fungi has been advanced considerably
over the past decade. In particular. much is now known concerning the structure,
genomic organization. and transcriptional regulation of the genes encoding lignin
peroxidases, manganese peroxidases, glyoxa oxidase, and laccases. P. chrysospor-
ium has emerged as the model system, in large part because of the development of
experimental procedures such as auxotroph production (Gold et al., 1982), recombi-
nation analysis (Gaskell et al., 1994; Alic and Gold, 1995; Krejci and Homolka,
1991; Raeder et al., 1989a), rapid DNA and RNA purification (Haylock et a., 1985;
Raeder and Broda, 1985), pulsed field electrophoretic separation of chromosomes
(Gaskell et a., 1991; D’Souza et a., 1993), and genetic transformation by auxotroph
complementation (Alic et al., 1989, 1990, 1991, 1993) and by drug-resistance mark-
ers (Randall et a., 1989, 1991; Randall and Reddy, 1992; Gessner and Raeder,
1994). The molecular biology of P. chrysosporium has been reviewed (Cullen and
Kersten, 1996; Gold and Alic, 1993; Alic and Gold, 1991; Cullen and Kersten, 1992;

Pease and Tien, 1991).

Peroxidase Gene Structure The molecular genetics of P. chrysosporium began
when Tien and Tu (Tien and Tu, 1987) first cloned and sequenced the P. chrysospor-
ium cDNA encoding LiP H8. Soon after, cONAs and genomic clones of several
structurally related genes were reported (Brown et a., 1988; de Boer et al., 1987,
Smith et a., 1988; Holzbaur and Tien, 1988; Walther et al., 1988; Asada et a.,
1988). The existence of allelic variants complicated the identification of LiP genes,
but analysis of single basidiospore cultures allowed alleles to be differentiated from
closely related genes. Alic and co-workers (1987) showed that single basidiospores
of the widely used strain BKM-F-1767 contain two identical haploid nuclei, which
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are the products of meiosis. The identity of specific alleles in these haploid segreg-
ants could be determined by restriction polymorphisms (Schalch et al., 1989) or by
alele-specific probes (Gaskell et al., 1992). It isnow clear that P. chrysosporium
LiPs are encoded by afamily of at least ten closely related genes, which have been
designated lipA through lipJ (Gaskell et a., 1994).

Recently, P. chrysosporium strain BKM-F-1767 was shown to harbor a 1747-bp
insertion within LiP gene lipl (Gaskell et d., 1995). The element, Pcel, lies immedi-
ately adjacent to the fourth intron of lip12 and features several transposonlike fea-
tures, including inverted terminal repeats and a dinucleotide (TA) target duplication.
Southern blots revealed the presence of Pcel in other, but not all, P. chrysosporium
strains. Pcel is present at very low copy numbers, and it lacks homology to known
transposons or transposases. The element is inherited in a simple 1:1 Mendelian
fashion among single basidiospore progeny. The distribution of Pcel or other trans-
posonlike elements in lignin-degrading species is unknown.

Several LiP genes have been characterized from other fungal species, including
four Trametes versicolor clones LPGI (Jonsson and Nyman, 1992), LPGII (Jonsson
and Nyman, 1994), VLGI (Black and Reddy, 1991), LPGVI (Johansson, 1994),
Bjerkandera adusta clone LPO-1 (Asada et al., 1992), and Phlebia radiata Ipg3
(Saloheimo et a., 1989). On the basis of Southern blot hybridization to the P.
chrysosporium genes, LiP-like sequences also appear to be present in the genomes
of Fomes lignosus (Huoponen et al., 1990), Phlebia brevispora, and Ceriporiopsis
subvemispora (Rajakumar et al., 1996). PCR amplification of LiP-like sequences
also suggests the existence of functional LiP genesin C. subvermispora and Phaner-
ochaete sordida, species that lack detectable lignin peroxidase activity (Rajakumar
et al., 1996).

Sequence conservation is high among the LiP genes, Pairwise amino acid se-
quence comparisons range from 53 to 98.9% similarity. Residues believed essential
to peroxidase activity are conserved (Tien and Tu, 1987; Schalch et al., 1989). The
gene encoding isozyme H8, lipA, aso features a putative propeptide (Schalch et a.,
1989). A similar sequence was shown in the LiP2 gene of strain OGC101, and the
proenzyme was identified as an in vitro tranglation product (Ritch et al., 1991).
Many of the P. chrysosporium genes feature a proline-rich carboxy terminus, al-
though its significance is unknown. The P. chrysosporium clones aso contain eight
to nine short introns, and the positions of six of these are highly conserved (Brown
et al., 1988; Schalch et al., 1989; Ritch and Gold, 1992).

The crystal structure of LiP is strikingly similar to the overall three-dimensional
structure of cytochrome c peroxidase (CCP), even though sequence identity isonly
approximately 20% (Edwards et a., 1993; Poulos et a., 1993). The proxima heme
ligand of LiP and CCP is a histidine that is hydrogen-bonded to a buried aspartic
acid residue. The enzymes differ in that LiP has phenylalanine contacting the distal
and proximal heme surfaces whereas CCP has tryptophan. A proton NMR study of
LiP suggested that the higher oxidation state of compound | is less stabilized than
in CCP, possibly explaining its higher redox potential (Banci et a., 1991). Hydrogen
bonding of the heme propionate to Asp, as opposed to Asn in CCP, may possibly
explain the relatively low pH optimum of LiP (Edwards et a., 1993). Other possibly
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important features of LiP are four disulfide bonds (CCP has none) and a C-terminal
region without a regular extended secondary structure, for which there is no equiva
lent in CCP.

In contrast to LiP, little is known concerning the number and structure of the
MnP genes. Five distinct sequences are now known: P. chryosporium, MP-1 (Pease
et a., 1989), MnP-1 (Pribnow et a., 1989), and MnP-2 (Orth et al., 1994); T. versi-
color MPGL1 (Johansson, 1994) and C. subvermispora MnP13 (Lobos and Vicuna,
unpublished results). The actual number of MnP genes in these or other species
remains to be established. The N-terminal amino acid sequences of P. chrysospor-
ium isozymes indicate the existence of at least two more genes (Datta et al., 1991;
Pease and Tien, 1992).

Multiple sequence alignments reveal features that help to distinguish MnP and
LiP genes. For example, putative Mn* binding residues have been identified in
MnP genes (Sundaramoorthy et a., 1994). Excluding T. versicolor MPGI, the mnps
can be distinguished by the a 7-11 amino acid surface loop (Sundaramoorthy et al.,
1994) and an extended carboxy terminus. The latter insertion contains afifth disul-
fied bond, which is not found in LiP genes. Although the T. versicolor MPGI lacks
the insertion observed in P. chrysosporium and C. subvermispora MnP genes, the
sequence unquestionabley encodes MnP isozyme MP2 (Johansson, 1994).

Recently, a structurally unique Trameres versicolor peroxidase clone, PGV, was
discovered (Jonsson et a., 1994). Overall, the sequence is most closely related to
LiPs, but certain residues are characteristic of MnPs. The significance of the PGV
sequence is uncertain. No PGV encoded protein has been identified, nor is it clear
whether the gene is transcribed.

The crystal structure of MnP shows similarities with LiP; the active site has a
proxima His ligand H-bonded to an Asp, and a distal side peroxide-binding pocket
consisting of a catalytic His and Arg (Sundaramoorthy et al., 1994). However, there
is also a proposed manganese-binding site involving Asp203, Glus9, Glu63, (num-
bering based on P. chrysosporium MP-1 (Pease et a., 1989)) and a heme propionate
(Sundaramoorthy et a.,. 1994). Recent experimental support for Asp203 in Mn2'
binding has been provided by site-directed mutagenesis of the residue (Kusters-van
Someren et ., 1995).

Peroxidase Genomic Organization Genetic linkage based on restriction fragment
length polymorphisms (RFLPs) has been useful for identifying P. chrysosporium
gene clusters (Raeder et a., 1989b). Two clusters of LiP genes were identified, one
of which was linked to the cellulase CBH1 gene (Raeder et al., 1989a). Lignin
mineralization was not correlated with the segregation of any individua RFLP
marker (Wyatt and Broda, 1995).

Analysisof cosmid and | libraries has provided detailed physical maps of gene
clusters. In P. chrysosporium, lipA and lipB are transcriptionally convergent and
their trandational stop codons separated by 1.3 kb (Gaskell et al., 1991; Huoponen
et a., 1990). The lipC gene lies approximately 15 kb upstream of lipB (Gaskell et
a., 1991). In T. versicolor a MnP and two LiP genes are clustered within a 10 kb
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region (Johansson, 1994; Johansson and Nyman, 1996). The genes have the same
transcriptional orientation, and they are separated by approximately 2.4 kb.

Pulsed field electrophoresis allows chromosome separations in agarose gels.
Cloned genes can then rapidly be localized to specific chromosomes. In the dikaryo-
tic P. chrysosporium strain BKM-F-1767, clamped homogeneous electrical field
(CHEF) gels reveal seven or more chromosome bands. The ten known LiP genes are
distributed on three separate chromosomes, two of which are dimorphic in respect to
length (Gaskell et al., 1991, 1994; Stewart et a., 1992). Thus, eight lips, including
thelipA, lipB, and lipC cluster, have been localized to a dimorphic chromosome of
3.5/3.7 mb (Gaskell et a., 1991). The LiP gene encoding isozyme H2, lipD, was
localized to another dimorphic pair of 4.4/4.8 mb (Stewart et a., 1992), along with
the cellulose CBHI gene cluster (Covert et a., 1992a). Southern blot analysis of
CHEF gels suggests that unlike many of the CBHI and LiP genes, MnP genes are
unlinked to each other and to LiP genes (Orth et a., 1994; Kersten et a., 1995).
Although convenient, pulsed field gel blots lack resolution, and linkage relationships
should be confinmed by other physical or genetic mapping techniques.

Genetic linkage relationships in P. chrysosporium have been further refined by
monitoring allelic segregation patterns among single basidiospore progeny (Gaskell
et a., 1994). The method involves PCR amplification of genomic DNA from single
basidiospore cultures and then probing with allele-specific oligonucleotides. Using
this approach, the ten LiP genes of P. chrysosporium were mapped to three separate
linkage groups. Consistent with pulsed field gel blots, lipD was distantly linked to
a CBHI cluster. Eight LiP genes, including the lipA, lipB, and lipC cluster, cosegreg-
atein 98% of the progeny, indicating very close linkage.

Peroxidase Gene Expression Early studies showed that the ligninolytic system is
expressed under secondary metabolic conditions, triggered by starvation for nutrient
nitrogen or carbon (Keyser et al., 1978; Jeffries et a., 1981). Subseguent work
has shown that transcription of P. chrysosporium strain BKM-F-1767 LiP genesis
dramatically modulated by culture conditions. Holzbaur and Tien (1988) examined
transcript levels of the genes encoding isozymes H8 (lipA) and H2 (lipD) by North-
ern blot hybridization. Under carbon limitation, lipD transcripts dominated and lipA
transcripts were not detected. Under nitrogen limitation, lipA was the most abundant
transcript and lipD expression was relatively low. Quantitative RT-PCR and
nuclease protection assays have been developed to detect all known LiP transcripts
(Stewart et a., 1992; Reiser et al., 1993). The genes lipA, lipB, and lipl were ex-
pressed at similar levelsin both C- and N-limited cultures. In contrast, lipC and lipJ
transcript levels were substantially increased under N-limitation. Consistent with
Holzbaur and Tien (1988), lipD transcripts were the most abundant under C-limita-
tion. A recent report suggests that nutrient nitrogen limitation may regulate LiP
expression posttranslationally by heme processing (Johnston and Aust, 1994), but
this view has been contradicted by Li and co-workers (1994).

Strain variation plays an important role in the regulation of P. chrysosporium LiP
genes. In contrast to the aforementioned studies with BKM-F-1767, lipD (= LIG5)
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transcripts of strain ME446 appear to dominate in N-limited defined media (James
et a., 1992) aswell asin more complex substrates such as balled-mill straw (Broda
et a., 1995). In strain OGC101, lipE (= LG2) appears to be the most highly ex-
pressed LiP gene (Ritch et al., 1991; Ritch and Gold, 1992).

Manganese peroxidase production in P. chrysosporium is dependent on Mn con-
centration, and regulation by Mn is at the transcriptional level (Brown et al., 1990,
1991; Bonnarme and Jeffries, 1990). Possible transcriptional control elements have
been identified in 5’ -untranslated regions of MnP genes (Alic and Gold, 1991; God-
frey et a., 1990, 1994; Brown et a., 1993). Pease and Tien (1992) showed differen-
tial regulation of MnP isozymes in C- and N-limited cultures.

No obvious relationship exists between transcriptional regulation and genomic
organization in P. chrysosporium. The eight closely linked LiP genes show dramatic
differences in their response to media composition. For example, lipC resides <15
kb upstream of lipB, but lipB transcript levels remain unchanged in C- versus N-
limited media, whereas lipC transcript levels are greatly increased in N-limited me-
dia (Gaskell et al., 1991; Stewart et al., 1992). As a further example, glx (see page
299) is unlinked to peroxidase genes (Gaskell et al., 1994; Kersten et al., 1995)
regardless of the close physiological connections (Kersten 1990; Kurek and Kersten,
1995) and coordinate transcription of glx and lips (Stewart et a., 1992; Kersten and
Cullen, 1993). In contrast to the situation in P. chrysosporium, a cluster of two lips
and one mnp have been detected in T. versicolor and all three genes may be coordi-
nately expressed under certain culture conditions (Johansson, 1994; Johansson and
Nyman, 1996).

Heterologous expression of MnP and LiP genes has been problematic (reviewed
by Pease and Tien, 1991), but progress has been made. Baculovirus systems have
been used to produce active recombinant MnP isozyme H4 (Pease et al,. 1991) and
LiPisozyme H8 (Johnson and Li, 1991). Yields are relatively low, but baculovirus
production might be useful for experiments requiring limited quantities of recombi-
nant protein, for example, site-specific mutagenesis. More recently, techniques have
been developed for the recovery of active P. chrysosporium isozymes H4 (Whitwam
et a., 1995) and H8 (Doyle and Smith, 1996) from E. coli inclusion bodies. Highly
efficient secretion of fully active isozyme H4 has been demonstrated in A. oryzae
(Stewart et al., 1996). The individual P. chrysosporium MnP isozymes can also be
produced in a “homologous expression” system in which mnp transcriptional control
is placed under the glyceraldehyde-3-phosphate dehydrogenase promoter (Mayfield
et a., 1994). The system temporally separates the recombinant protein from other
peroxidases, and it has been successfully used in site-directed mutagenesis exper'-
ments (Kusters-van Someren, 1995).

Luccase Gene Structure and Expression. Like the peroxidases, |laccases appear to
be encoded by complex families of structurally related genes. At least 17 fungal
laccase genes have been cloned and sequenced. These include a number of genes
derived from white-rot fungi: five from Trametes villosa (Yaver et d., 1996; Y aver
and Golightly, 1996), one from Pleurotus ostrearus (Giardina et a., 1995), one from
Phlebia radiata (Saloheimo et al., 1991), and one from an unidentified basidiomy-
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cete (Coil et a., 1993). Overall sequence identity between certain pairs of fungal
laccases may be low, but conservation is high within regions involved in copper
binding. In addition, Yaver and Golightly (1996) noted conservation of the intron
position in the laccase genes of T. villosa and other basidiomycetes. Three of the
nonwood decay fungus Rhizoctonia solani laccase genes each contain 11 introns at
identical positions (Wahleithmer et al., 1995).

The regulation of laccase expression differs substantially among species. Tran-
scripts of P. radiata laccase genes are readily detected under N-limited, ligninolytic
conditions. In T. villosa, lccl is strongly induced by 2.5-xylidine addition to cul-
tures, while lcc2 transcript levels remain unchanged. In contrast, Northern blots
failed to detect Icc3, lccd, and |ech transcripts under any conditions. Three Rhizoc-
toni solani laccases (Iccl, Icc2, Icc3) are transcribed at low constitutive levels,
which can be further repressed by the addition of p-anisidine to cultures. However,
R. solani Icc4 is expressed at much higher levels and induced by addition of p-
anisidine. In R. solani, Iccl, Icc2, lcc3 are clustered and separate from lcc4, sug-
gesting a relationship between genomic organization and transcriptional regulation.

In contrast to peroxidases, the heterologous expression of fungal laccases has
been straightforward. The A. oryzae TAKA amylase system has been successfully
used for the production of T. villosa and R. solani laccases (Yaver et al., 1996;
Wahleithmer et a., 1995). The P. radiata laccase has been efficiently expressed in
T. reesel under the control of the T. reesel cbhl promoter (Saloheimo and Niku-
Paavola, 1991). The Coriolus hirsutus laccase gene was expressed in S cerevisiae
(Kojimaet al., 1990).

Glyoxal Oxidase Gene Structure and Expression Glyoxal oxidase (GLOX) of
Phanerochaete chrysosporium isencoded by a single gene with two alleles (Kersten
et al., 1995; Kersten and Cullen, 1993). The deduced amino acid sequence lacks
clear homology with any other known proteins (Kersten and Cullen, 1993), athough
Bork and Doolittle (1994) have identified a 50 residue “kelch” motif in avariety of
database sequences including glyoxal oxidase and galactose oxidase. On the basis of
catalytic similarities with Dactylium dendroides galactose oxidase, potential copper
ligands were tentatively identified at Tyr377 and His378 (Kersten and Cullen, 1993).
The deduced amino acid sequences of allelic variants differ by a single residue
(Lys308 Thr308), which may explain the two isozyme forms observed on isoelec-
tric focusing gels (Kersten and Kirk, 1987; Kersten, 1990). Southern blot analysis
of CHEF gels and segregation analysis suggests that MnP and GLOX genes are
unlinked to each other and to LiP genes (Gaskell et al., 1994; Orth et al., 1994;
Kersten et a., 1995). The GLOX gene (glIx) is transcriptionally regulated in P.
chrysosporium (Kersten and Cullen, 1993), and, consistent with a close physiologi-
cal relationship between GLOX and LiP. glx transcript appearance is coincident with
lips and mnp (Stewart et al., 1992).

Glyoxal oxidase is efficiently expressed in Aspergillus nidulans under the control
of the A. niger glucoamylase promoter (Kersten et al., 1995). Under maltose induc-
tion, fully active GLOX was secreted by A. oryzae at levels 50-fold greater than in
optimized P. chrysosporium cultures. Site-specific mutagenesis enabled production
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of recombinant GLOX isozymes corresponding to the alelic variants. Several recent
biochemical investigations have been aided by A. oeyzae -produced GLOX (Kurek
and Kersten, 1995; Whittaker et al., 1996; Hammel et al., 1994).

CONCLUSIONS

Our review has disclosed that there is as yet very little known about the cellulose-,
hemicellulose-, and lignin-degrading systems of white-rot fungi shown to be useful
in biopulping (see Chapter 10). Indeed, the paucity of information about the degrad-
ing systems in general is striking. Inasmuch as these fungi are increasingly used in
biopulping and in other applications, such as bioremediation (Barr and Aust, 1994),
a better understanding of their relevant enzyme systems and molecular genetics will
be required for optimization. Practical applications aside, the central role of the
white-rot fungi in the earth’s carbon cycle provides a compelling reason to under-
stand them more completely. Aspointed out in the introduction to this chapter,
current knowledge of cellulose- and hemicellullose-degrading systems is based al-
most entirely on research with ascomycetes, fungi that do not decompose lignin and
therefore do not decompose wood. Because the white-rot fungi are the only efficient
lignin-degrading organisms, their ligninolytic systems have received considerably
more attention than their polysaccharide-degrading systems. Vexing questions re-
main, however, Perhaps the major one is how lignin is degraded in the interior of
the wood cell wall where enzymes cannot penetrate. Another unanswered question
pertains to the common occurrence of gene families among wood-rotting basidio-
mycetes. Specifically, what are the roles and interactions among the many iso-
zymes? Does variation in the structure of the substrates component polymers ac-
count for this multiplicity? Differential transcriptional regulation suggests that
isozyme multiplicity has some physiological significance, perhaps related to subtle
substrate characteristics. Detailed biochemical analyses with pure isozymes will
help resolve these questions, and recent progress with heterologous expression sys-
tems holds much promisein this regard.
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